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Abstract The ability to detect and quantify nanoparticles is
essential but there is currently no simple, sensitive, and rapid
method for the detection of nanomaterials. We have developed
anovel peptide-based fluorescence-based biosensor for detec-
tion and measurement of negatively charged engineered nano-
particles (ENPs). A peptide biosensor (seven lysine residues
linked to a cysteine through a three glycine residue linker)
with attached fluorescent probes—fluorescein-5-maleimide
(F5M) and tetramethylrhodamine-5-maleimide (TMR5M)—
was constructed. The fluorescent probes allow close mon-
itoring of the molecular interaction of the labeled peptide
with ENPs. The ENP—peptide interaction induces the for-
mation of agglomerates that can be detected and measured
by changes in the fluorescence intensities of the labeled
peptides or/and by differential light scattering. The relative
fluorescence intensities of F5SM and TMRS5M decreased in
a concentration-dependent manner on interaction with var-
ious types of negatively charged ENPs (ZnO, Fe;0,4, CeO,
and single-walled carbon nanotubes). Differential light
scattering measurements also showed increases in the
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hydrodynamic size of the complex. The interactions were
not affected by the pH of aqueous media, where humic
acid (1 pg/mL) quenched the fluorescence intensity of
F5M by approximately 25 %, whereas that of TMRSM
was completely quenched. Interference by humic acid at
lower concentrations was less prevalent. This novel meth-
od is a simple, rapid, and inexpensive in situ assay that
shows promise as a primary-level testing technique for
detection of ENPs in environmental samples.
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Introduction

Rapid advances in nanoscience have led to much greater use
of engineered nanomaterials (ENMs) in a variety of applica-
tions, ranging from medicine [1] and materials science [2] to
environmental remediation [3] and consumer products [4].
Because of their small size and unique surface properties,
engineered nanoparticles (ENPs) have many desirable and
useful properties. However, they can also interact with living
cells in potentially undesirable manners [5—8]. The adverse
effects of ENMs on living systems have highlighted the need
to develop improved rapid detection and sensitive (detection
range below 1 mg/L) systems to manage the risks associated
with their accidental occupational exposure or environmental
release. The current methods for measuring ENMs primarily
use advanced microscopy techniques, including transmission
electron microscopy, scanning electron microscopy, atomic
force microscopy, scanning proton microscopy, and scanning
near-field ultrasonic holography. More recently, single particle
tracking analysis and field-flow fractionation coupled with
inductively coupled plasma mass spectrometry has emerged
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as another tool for identification of nanomaterials in aqueous
samples [8]. However, all these methods require a substantial
initial investment in equipment and operator training, have
long times between sampling and readout (days to weeks),
and require specific prior knowledge of the nanomaterial of
interest. There is no system for the detection of ENMs in
aqueous media that does not require significant investments
of time and money. Attempts to develop simple spectropho-
tometric and fluorometric methods for the detection of the
ENM themselves have not been successful, mainly because
of the intrinsic peculiar characteristics and chemical nature of
each nanomaterial. The lack of appropriate routine ENP de-
tection and evaluation techniques remains one of the major
challenges that may hinder acceleration of development and
growth in the field of nanoscience.

Development of biosensors for detection of a specific ana-
lyte is widely recognized [9]. A biosensor is an analytical
device that combines a recognition element with a transducer
(detection element) for the detection of a biological analyte or
chemical agents (target) [10—13]. The recognition process uti-
lizes the affinity of the recognition element for the analyte, and
the interaction information is transmitted as a measurable sig-
nal (electrical, optical, etc.) by the transducer [12].
Transducers include man-made electrochemical, optical, pie-
zoelectric, thermal, and magnetic devices that can quantita-
tively monitor the biochemical reactions arising from the bio-
sensing materials. Because of their high sensitivity and selec-
tivity, biosensors offer outstanding promise in the develop-
ment of an ultrasensitive assay for the detection of low con-
centrations of chemicals and substances such as ENPs in en-
vironmental media. Biosensors that rely on protein, especially
antibodies, as the biomolecular recognition element are com-
monly used, and more complex protein-based affinity scaf-
folds are increasingly becoming popular. However, short un-
structured peptides have several potential preferred advan-
tages that can be exploited for biosensor development: (1)
peptides are stable and resistant to harsh environments; (2)
peptides can be synthesized easily and inexpensively; and
(3) peptides can be more amenable than antibodies or scaffold
protein to engineering at the molecular level [14-16].
Fluorescence labeling of the peptide, usually performed
through either the side chain of a lysine residue or the side-
chain sulthydryl group of a cysteine residue [17], allows the
transmission of interaction information as a measurable signal
(fluorescence). Fluorescently labeled peptides are commonly
used to make possible fluorescence microscopy and fluores-
cence imaging in cellular biology [18, 19] and medicine [20].
However, to the best of our knowledge, this is the first time
that this technology has been applied to the detection of ENMs
in environmental media. Our strategy was to design a fluores-
cently labeled, positively charged peptide that electrostatically
interacts with negatively charged ENMs in solution. Hence we
used this interaction as a primary-level test for rapid (minutes
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to hours) detection of the presence/absence and concentration
of ENPs in environmental media, with secondary advanced
testing (e.g., inductively coupled plasma mass spectrometry,
field-flow fractionation coupled with inductively coupled
plasma optical emission spectroscopy, electron microscopy)
conducted only after detection.

Currently, two significant challenges are being posed to
researchers and regulators with regard to nanomaterial toxi-
cology. The first one is to understand the fate, behavior, bio-
availability, and transformation of nanomaterials in the envi-
ronment into which they are released. The second challenge is
to devise simple and precise methods for detecting and mea-
suring low concentrations of nanomaterials in environmental
aquatic matrices and workplace environments. The current
study has the potential of meeting the urgent need of develop-
ing rapid, efficient, and throughput testing strategies to detect
or/and measure nanomaterial in environmental samples.

Materials and experimental methods
Nanoparticles and materials used in the study

Polymer-capped nano-sized Fe;0,, CeO,, and ZnO were pro-
vided by Vive Crop Protection (Toronto, Canada). These are
small (less than 10 nm) negatively charged metal oxide ENMs
(FezO4, CeO,, and ZnO) that were functionalized with a
poly(acrylic acid) (PAA) polymer coating. The
functionalization makes these ENMs highly dispersible and
stable in suspension. The properties in solution are well char-
acterized and have been reported previously [21]. The
carboxy-functionalized 10-20-nm single-walled carbon nano-
tubes (SWCNTs) were manufactured by the National
Research Council’s Steacie Institute for Molecular Sciences
[22]. These particles are well characterized, and the details
have been published [21-27]. All other chemicals used in this
study were of analytical grade and were obtained from Sigma
(St Louis) unless otherwise noted.

Design of engineered peptide and biosensors

Using standard peptide engineering techniques, we generated
a simple polypeptide containing an N-terminally protected
polylysine peptide with seven lysine residues linked to a cys-
teine through a three glycine residue spacer (Ac—
KKKKKKKGGGC—-OH). This molecule was synthesized ac-
cording to our specifications by the Institute of Biomolecular
Design, Edmonton, Canada. The theory behind the design
involves use of the side chain amino group of polylysine res-
idues, which confers a strong positive charge on the peptide.
This peptide will then be electrostatically attracted to the neg-
atively charged nanoparticles (ENPs). Similar custom-
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designed negatively charged peptides can be designed to at-
tract and interact with positively charged ENMs.

Peptide labeling

Peptides were labeled with fluorescein-5-maleimide (F5M) or
tetramethylrhodamine-5-maleimide (TMR5M) as fluorescent
probes according to the manufacturer’s instructions
(Molecular Probes, USA) and with appropriate postlabeling
cleaning steps. In summary, the concentrated fluorescent
probe (50 mM dissolved in dimethyl sulfoxide) was added
to the peptide solution (4.06 mM) in buffer containing
20.3 mM N-(2-hydroxyethyl)piperazine-N'-ethanesulfonic ac-
id—KOH (pH 7.6), 50 mM KCI, and 2 mM tris(2-
carboxyethyl)phosphine in a molar ratio of 5:1 (probe to pep-
tide) (see Fig. S1 and Table S1). The mixture (125-uL final
volume) was incubated for 2 h at room temperature with gen-
tle shaking in the dark. The reactions were quenched by the
addition of excess DDT (20 mM). The pure labeled peptide
mixture was further purified by precipitation with acetone
(1 mL) as described by Vives and Lebleu [17]. Briefly,
500 pL of cold acetone was added to the labeled peptide
mixture. This mixture was vortexed for 15 s and allowed to
stand for 30 min at -20 °C, followed by centrifugation at
30,000 g at 4 °C. The supernatant was carefully removed
and the peptide pellet was suspended in 100 pL of
tris(hydroxymethyl)aminomethane (Tris) buffer (100 mM,
pH 6.8).

Purification of labeled peptides by high-performance
liquid chromatography

The synthesized fluorescein-labeled peptides were further pu-
rified with an Agilent 1100 high-performance liquid chroma-
tography (HPLC) system with a semipreparative reverse-
phase Gemini C;g column (250 mm x 10 mm, 5 pm, 110 A;
Phenomenex, Torrance, CA, USA). The gradient elution sys-
tem was as follows: solution A consisted of water—acetonitrile
(98:2, v/v) with 0.1 % trifluoroacetic acid; solution B
consisted of acetonitrile (100 %) with 0.1 % trifluoroacetic
acid. The gradient elution program was as follows: 0 min,
0 % solution B; 10 min, 0 % solution B; 25 min, 25 % solution
B; 40 min, 60 % solution B; 45 min, 80 % solution B; 50 min,
0 % solution B. The flow rate was 2 mL/min and the injection
volume was 50 pL. Fluorescently labeled peptide fractions
were manually collected and quantified by measurement of
the absorbance at 220, 440, and 540 nm for peptide, F5M,
and TMRSM respectively and also by measurement of the
fluorescence of F5SM (Mo =490 nm; ., = 500-600 nm) and
TMR5M (A\ox =525 nm; Ay, =550-650 nm) with use of a
fluorescence plate reader (see Figs. S2 and S3 for scans).
The efficiency of labeling was calculated by consideration of
the ratios of the peak area of unlabeled peptide to that of

labeled peptide. Qualitative information on purified labeled
peptides was obtained by liquid chromatography with mass-
selective detection through atmospheric pressure ionization—
electrospray in positive mode.

Quantification of the thiol group

Quantification of thiol (SH) group was done with Ellmans’s
reagent. The bonded peptide SH group completely reacted
with the maleimide dyes in reaction with the free peptide
controls, which have intact SH groups. In summary, samples
(labeled peptide in triplicate), controls (unlabeled peptide),
and standard (acetylcysteine) were precipitated with double
volume of trichloroacetic acid, and spun down at 1500 rpm
for 15 min at room temperature. The supernatant was reacted
with Ellman’s reagent (Tris—HCI buffer, pH 8.9 and
dithionitrobenzene) and measured at 412 nm. The serial dilu-
tion of the acetylcysteine standard was used to draw a standard
curve (Fig. S2). The amount of SH group on our purified
labeled peptide was extrapolated from the standard curve
(Table S1). We demonstrated that the sulthydryl thiol (R—
SH) groups on our engineered peptides had completely
reacted with available maleimide dyes, indicating successful
binding of probes to peptide. We found that a fivefold molar
excess of dye to peptide achieved 100 % saturation of the
peptide R—SH reaction (Fig. S1).

Labeled peptide—nanoparticle interaction

The nanoparticle stock solutions were prepared in deionized
distilled water to 1 mg/mL and used in our reactions.
Nanoparticle suspensions were sonicated for 30 s before prep-
aration of stock solutions, and the solutions were vortexed for
30 s before the experiment. The concentration of labeled pep-
tides after HPLC purification and the concentration of each
biosensor in the products were calculated by use of the extinc-
tion coefficients of the peptide and fluorescent dyes as provid-
ed by the manufacturer (Invitrogen, USA). Appropriate vol-
umes of nanoparticles and labeled peptide were reacted at
room temperature. Briefly, 5.0 uL of probes was added to
15 uL of nanoparticles in 130 uL of buffer solution. The
buffer solution was replaced with solution containing humic
acid in those experiments examining interference of natural
organic material (NOM).

Preparation of humic acid solution

The natural organic medium was mimicked by humic acid
solution according to the method of Hong and Elimelech
[28]. Briefly, Suwannee River humic acid (Standard II,
International Humic Substances Society) was used as a model
NOM in natural aquatic systems. The humic acid stock solu-
tion was prepared by addition of 21.7 mg of dry humic acid
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powder to 50 mL of deionized water (Barnstead), with the
solution being stirred overnight. This solution was then fil-
tered through a 0.22-pum cellulose acetate membrane
(Corning, Corning, NY, USA) under a vacuum. The pH of
the solution was raised from 3.6 (natural pH) to 8 by addition
of NaOH, after which the solution was stored in the dark at
4 °C. Information on key properties of the Suwannee River
humic acid has been provided by Hong and Elimelech [28].

Results and discussion
Production and purification of labeled peptides

The conceptual design of the study is illustrated in Fig. 1. We
investigated whether engineered labeled peptides could be
used for the detection of nanomaterials. It is known that in
solution nanomaterials interact with proteins and peptides,
which often provide bridges between nanomaterials, in a
concentration-dependent manner [24, 29]. Additionally, pro-
tein and peptide are known to bind to nanomaterials, resulting
in structural changes as defined by reduction in enzyme func-
tion [25, 26], aggregation, and precipitation [24, 25]. We de-
signed a customized peptide with high positive charge at phys-
iological pH by use of a seven-lysine amino acid sequence
coupled to a terminal cysteine—glycine linker. The single cys-
teine residue ensures the end-labeling reaction with fluores-
cent maleimide dyes. We used two dyes—F5M and
TMRS5M—for sensitive light-based detection. These fluores-
cent probes have very high specificity in labeling SH groups
of cysteine. The SH group was protected by dithiothreitol in
the reaction mixture, which also facilitated the quenching of
the unreacted fluorescent dyes, enabling us to purify only
fluorescently labeled peptides. Figure 2 shows the chromato-
grams generated by HPLC with absorbance at 280 nm as an
indicator of the purified peptide. Mass spectra of the labeled
peptides are shown in the insets (Fig. 2), showing a peak at the
appropriate m/z ratio for each labeled peptide, demonstrating
the ability to purify labeled peptides to more than 90 % purity.

Nanoparticle—peptide interaction and agglomeration can
be detected by dynamic light scattering, is stable,
and occurs across a range of natural pH values

The reaction of positively charged polypeptide and negatively
charged nanoparticles results in the formation of aggregates
that are visible to the naked eye (Fig. 3, top left), and these
reactions occur and are visible even at a nanoparticle concen-
tration of 1 pg/mL. The reaction was analyzed by dynamic
light scattering after 5 min or 30 min, and our results show that
the complexes of peptides and ENP were stable and of con-
sistent size over the 30-min test period (Fig. 3, bottom left).
The ability to interact and form aggregates was independent of
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the materials tested in our testing regime, including both
spherical and high aspect ratio materials (Fig. 3, top right).
Alteration of the solution pH from 7 to 9 did not affect either
the size or the polydispersity index (Fig. S4) of the agglomer-
ates, whereas there was a trend for reduction in the size of the
agglomerates at pH 5. The light scattering as measured by
dynamic light scattering was concentration dependent
(Fig. 3, bottom right), with higher concentrations of ENPs
producing slightly larger aggregates after 5 min. According
to the Derjaguin—Landau—Verwey—Overbeek theory [30], the
increasing concentrations of ENPs will result in increasing
bridging-mediated agglomeration, thereby explaining the
larger aggregates seen in Fig 3 (bottom right). At lower pH,
the negatively charged SWCNTs and PAA-coated materials
used in these assays would experience some charge shielding,
thereby explaining the overall reduced agglomeration poten-
tial at pH 5. Nevertheless, this interaction consistently occurs
across a broad range of pH values (pH 5-9) that are represen-
tative of most natural waters as receiving waters for ENPs [31,
32].

Concentration-dependent inhibition of fluorescence
by ENPs

The potential for ENPs to interact with our custom-designed
fluorescently labeled peptides is examined in Fig. 4. The po-
tential for interfering autofluorescence from the nanoparticle
itself was investigated as indicated by the first bar in each
graph in Fig. 4. Autofluorescence was not detectable for every
ENP (labeled and nanoparticle), thereby indicating there was
no interference from the material itself in our assay. This con-
trol is essential for proper assessment of light-based assays
involving ENPs [27].

We next examined whether the custom labeled peptides
interact with our negatively charged ENPs in a dose-
dependent manner by adding increasing amount of each
ENP to a fixed concentration of custom labeled peptide. For
F5M, early experiments (data not shown) revealed that the
optimal peptide concentration was 4.95 pg/L, whereas for
TMRS5M, the optimal concentration was lower, 0.88 pg/L.
Therefore, for each material, the fluorescence intensity of la-
beled peptide alone represented 100 % fluorescence intensity,
and all data were normalized to 1.0 for each experiment.
Addition of increasing concentration of PAA-coated Fe;O4
particles to 7.23 uM F5M-labeled peptide with a short mixing
period immediately after addition resulted in a dose-
dependent decrease in fluorescence intensity (Fig. 4a), with
a more than 90 % reduction in fluorescence intensity at an
ENP concentration of 100 pg/mL. This reduction occurred
almost immediately on addition of the particles. All measure-
ments were conducted within the first minute since we noticed
agglomeration and precipitation occurring after 5 min
(Fig. S5). The TMR5M-labeled peptide was a much more
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+vely charged polylysine,
Ac-KKKKKK-GGGC-OH
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24 13 7

Aex=492 nm, A,;,=516 nm,
yellow/orange

+vely charged L-Pep-F5M, MW 1659,
Aex= 447nM Aery=510nm

+DTT

+TCEP

Absorbance

TMR5M; czastNaos MW 481.51
Aex=541 nm, A,,= 568 nm,

retention time (min)

Fig. 1 Summary of our fluorescein-labeled peptide detection of
engineered nanomaterials (ENMs). The polypeptide developed for the
biosensor is an N-terminally protected polylysine peptide with seven
lysine residues linked to a cysteine through three glycine residues (Ac—
KKKKKKKGGGC-OH). This molecule was synthesized according to
our specifications by the Institute of Biomolecular Design, Edmonton,
Canada. The side chain amino group of the polylysine residue confers a
strong positive charge on the peptide. When added to a solution

containing ENMs, the fluorescently labeled peptides will cause a
general interaction with negatively charged ENMs, forming an
aggregate. Attachment of fluorescein-5-maleimide (F5M) or
tetramethylrhodamine-5-maleimide (TMR5M) to the polylysine peptide
allows the use of these fluorescently labeled peptides to detect the present
of ENMs quantitatively. The changes in relative fluorescein intensity of
the aggregate can be detected by a throughput fluorescence microplate
technique. L-Pep labeled peptide, MW molecular weight, NP nanoparticle
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Fig. 2 a High-performance liquid chromatography (HPLC)
chromatogram of purified peptide labeled with F5SM (L-Pep-F5SM) with
inserted mass spectrometry (MS) scan and b HPLC chromatogram of
purified peptide labeled with TMRSM (L-Pep-TMRS5M) with inserted
MS scan. HPLC was performed with an Agilent 1100 HPLC system
with a semipreparative Gemini C;g column (250 mm x 10 mm, 5 pm,
110 A; Phenomenex, Torrance, CA, USA) with use of a reverse-phase
gradient elution system from 20 % solvent B to 80 % solvent B at a flow
rate of 2 mL/min, with a stop time of 50 min and a post-stoppage time of
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15 min (solvent A, 98 % H,O, 2 % acetonitrile, 0.1 % trifluoroacetic acid;
solvent B, 100 % acetonitrile and 0.1 % trifluoroacetic acid). Wavelength
detection was performed at 220, 440, and 540 nm for peptide, F5M and
TMRS5M respectively. MS scans and qualitative information on purified
L-Pep-F5SM and L-Pep-TMR5M were obtained by liquid chromatogra-
phy with mass-selective detection through atmospheric pressure ioniza-
tion—electrospray in positive mode. Peptide molecular weight (MW)
1231.57 + F5SM MW 427.37=1658.94 (1659) and peptide MW
1231.57 + TMRSM MW 481.51=1713.1 (1713)
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Fig. 3 Top lefi: Visible light images showing turbidity formation of
interaction between peptides at 100 pg/mL mixed with engineered
nanopaticles (ENPs) at 100 pg/mL, with the reaction mixture incubated
for 5 min at room temperature (pictures taken within 1 min). Bottom left:
The dynamic light scattering readings for the reaction mixture incubated

sensitive indicator of ENP—particle interactions, with strong
reductions in fluorescence intensity noted at an ENP concen-
tration of 1 pg/mL despite the lower concentrations of peptide
required for the assay (Figs. S6, S7, S8).

The PAA-coated ZnO or CeO or COO-functionalized
SWCNTs produced results similar to those of the PAA-
coated Fe;0,4 material in Fig. 4a,, whereby increasing concen-
trations effected a reduction in the fluorescence intensity in a
dose-dependent manner for both F5M-labeled and TMR5M-
labeled peptides. In addition, TMRS5M appeared to be a more
sensitive indicator of the quantity of ENPs in the solution,
providing significant reductions in fluorescence intensity at
concentrations below 1 pug/mL and for COO-functionalized

1800
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=2
(=3
o

0
Fe304 (10pg/mL) ZnO (10pg/mL) CeO2 (10pg/mL) SWNT (10ug/mL)
Control Control Control Control

]1

pH9
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1800 1
u Peptide (100 pg/mL) + Fe304 (10pg/mL)

Peptide 100 pg/mL + Fe304 (1juig/mL)

1200 1 :[

600 1 II
0

pH 5

Hydrodynamic radius (d.nm)

pH7

for 5 min and 30 min. Top right: The dynamic light scattering readings for
similar reactions using different types of nanoparticles at 10 pg/L (Fe;0y,
Zn0O, CeO,, single-walled carbon nanotubes). Bottom right: Reactions in
medium of different pH. SWNT single-walled carbon nanotubes

SWCNTs (Fig. 4 h); reductions in fluorescence intensity were
noted even at 100 ng/mL.

We believe that the noted reduction in fluorescence inten-
sity is likely not due to precipitation events as the measure-
ments were taken immediately on mixing of ENPs and the
labeled peptide and before agglomeration occurred. Instead,
we suggest that the ENPs bind the labeled peptide and reduce
the fluorescence intensity through a direct interaction between
the labeled peptide and the ENPs. It is known that colloidal
particles in solution bind peptides or other matter in solution,
forming a corona of proteins, peptides, or other charged spe-
cies as appropriate [33—35]. Moreover, it has been demonstrat-
ed that this binding results in alteration of the structure and
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function of other associated molecules [25, 26]. Binding of the
peptide to the dye will alter the excitation and emission spectra
of associated dyes [36], and this was seen in our preparation,
where for FSM the excitation maximum of 492 nm shifted to
447 nm and the emission maximum shifted slightly from 516
to 518 nm. Similarly, for TMR5M, its excitation maximum
shifted from 541 to 556 nm and its emission maximum shifted
from 566 to 580 nm (data not shown). These shifts in the
excitation and emission spectra can be attributed to stabiliza-
tion of the fluorophore when it is bound to the peptide [36].
To examine whether this is the mechanism for the reduced
fluorescence intensity, we performed a wavelength scan of the
spectral characteristics of the dye with increasing concentra-
tion of ENPs. There was no associated spectral shift with
increased ENP concentration for either FSM (Fig. 5a) or
TMRS5M (Fig. 5b), whereas a clear reduction in fluorescence
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SWNT [mg/mL] SWNT [mg/mL]

intensity with increasing ENP concentration can be seen for
PAA-coated Fe;04 ENPs. Similar results were found for each
of the other materials tested (data not shown). We believe that
the additional stabilization of the dye associated with the in-
teraction with the ENPs directly reduces the fluorescence in-
tensity of the emitted light within the detection window.
Importantly, we believe that these properties can be used in
the development of a rapid and sensitive detection of the pres-
ence or absence of ENPs. One drawback of this detection
method is that there is no ability to distinguish the identity
of different materials or to distinguish the size of matrices with
multiple ENPs present. However, the ability to quantitatively
and rapidly detect the presence or absence of ENPs in the
workplace would be an important step in providing a priori
knowledge before more complex, expensive, and time-
consuming investigatory tools (e.g., electron microscopy,
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Fig. 5 Concentration-dependent
quenching of fluorescence of a
fluorescein-5-maleimide-labeled
peptide (CPep-F5M) and b
tetramethylrhodamine-5-
maleimide-labeled peptide
(CPep-TMR5M) by gradual
increase of the concentration of
poly(acrylic acid)-capped Fe;04
ENPs. The y-axis fluorescence
intensity in arbitrary units
(relative fluorescence units)
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inductively coupled mass spectrometry, field-flow fraction-
ation coupled with inductively coupled plasma mass spec-
trometry) are applied.

Quenching of fluorescence by NOM solution was
corrected with dilution

One of the potential drawbacks of a detection method that
might involve environmental samples is interference from oth-
er compounds present in the water. Natural waters are com-
plex, and one of the principal materials that are known to alter
nanoparticle behavior in solution is NOM, primarily as humic
acids [28]. Humic acids are released following decay of
organic-plant-based materials, and the concentrations in the
environment can range greatly from essentially zero in clear
lakes to 50 mg/L in some environments [37]. Humic acid is
known to rapidly interact with ENPs in solution, forming an
“ecocorona” [38]. The presence of humic acid acts to stabilize
ENPs in solution, resulting in reduced agglomeration, de-
creased average particle size, and increased stability in

Wavelength (nm)

solution [37]. Importantly, for our studies, humic acid has
the potential to interfere in at least three ways. First, humic
acid displays autofluorescence when excited by light [36], and
this may directly interfere with the assay readout. Second,
given that NOM is able to absorb light of the wavelengths
emitted by the fluorophores, it may serve as a quenching agent
by absorbing the emitted light. Third, NOM may directly in-
terfere (in a concentration-dependent manner) with the bind-
ing of the labeled peptide in the assay to the ENP because of
the formation of the ecocorona and the displacement/shielding
of potential binding sites. We tested these three hypotheses,
and the results are presented in Fig. 6.

The presence of humic acid (10 pg/mL) and nanoparticles
(10 ug/mL) in the reaction vessel (without peptide) did not
result in substantial fluorescence (Fig. 6a). This clearly dem-
onstrates that autofluorescence of the nanoparticles or humic
acid was not a significant issue for our observing the fluores-
cence intensity. When F5M-labeled peptide was added to a
mixture of nanoparticles and humic acid, there was an approx-
imately 25 % reduction in fluorescence intensity,
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Fig. 6 Interference of biosensor 12. a b
and ENP reaction corrected with 1.2 4
dilution. a The reaction of ]
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demonstrating some interference with the emission of the dye.
This quenching of the signal may be due to absorption of
either the excitation light or the emitted light as we cannot
distinguish either scenario. However, as we increased the con-
centration of nanoparticles from 0.1 to 10 pg/mL, there was
still a dose-dependent decrease in fluorescence intensity, dem-
onstrating that the FSM-labeled peptides still function for de-
tection in the presence of humic acid at a concentration up to
10 ng/mL (Fig. 6a). When we performed the same experiment
using the TMR5M-labeled peptides, we found that similarly
to the F5M-labeled peptides, there was not a significant inter-
ference from autofluorescence at the different wavelengths,
although a small signal was detectable in all cases. However,
humic acid had a severe impact on the fluorescence intensity
of the dye, where humic acid at 10 ug/mL in the reaction
vessel resulted in a more than 75 % reduction in fluorescence
intensity. The reason for the great effect is likely the longer-
wavelength emission spectrum of TMRS5M and consequently
great absorption by the humic acid and quenching of the sig-
nal. When nanoparticles were added at a very low concentra-
tion (0.1 pg/mL), almost no signal was detectable above the
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background autofluorescence and no dose dependence of
nanoparticle concentration could be detected (Fig. 6¢). The
results of these and earlier experiments mean that TMRSM
is considered a better dye overall for use in detection in pris-
tine waters low in humic acid or in laboratory solutions.
However, given that humic acid interferes with TMR5M-
labeled-peptide-based detections, under conditions where hu-
mic acid is present, assays would require F5SM-labeled pep-
tides to be used since they are less affected by humic acid
interference.

To test the effect of humic acid concentration on the function
of the assay, we next examined the effect of increasing concen-
trations of humic acid on assay performance. Using the optimal
peptide concentrations (see earlier) and nanoparticles at 10 pg/
mL, we measured the fluorescence intensity in the presence of
increasing concentrations of humic acid. As the humic acid con-
centration increased, there was a dose-dependent decrease in
fluorescence intensity, showing that humic acid interfered with
the assay for both FSM and TMR5M (Fig. 6b, d). Nevertheless,
assuming humic acid concentration is accounted for in the assay
with appropriate controls, these results demonstrate that the assay
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is robust enough to measure nanoparticle concentrations up to
1 pg/mL.

Another drawback of the assay is that despite detec-
tion in the range that environmental and occupational
exposures might occur, the assay does not allow posi-
tive identification of the material itself. However, in
theory, one should be able to secondarily couple any
positive result of detection with the results of a
material-composition-based detection method (e.g.,
field-flow fractionation coupled with inductively
coupled plasma mass spectrometry [39]) to identify the
materials.

We also think that this development is potentially a
valuable tool in an occupational health setting where
workers may be exposed to specific ENPs and in scien-
tific research where detection of materials during exper-
iments is often difficult because of the inability to rap-
idly and easily measure concentrations of known sub-
stances in the test solutions. Detection of background
materials and the presence of increased amounts of
nanoparticles in a rapid time frame would be a valuable
early assessment tool. For example, in research, follow-
ing the concentration of a material during an experimen-
tal protocol is challenging because of agglomeration and
settling. This method would allow rapid (less than
1 min) detection of the available monodisperse materials
in the water column and improve experimental monitor-
ing and interpretation of experiments. Similarly, in an
occupational health setting, the method lends itself to
a “wipe test” whereby the presence of specific materials
in the workplace could be rapidly and quantitatively
monitored. Moreover, our peptide-based detection meth-
od can be tailored to specific materials, and this may
provide even better protection for workers and improve
research in environmental and occupational nanosafety.
There are still challenges to the implementation of these
labeled peptides, including the potential for other inter-
fering compounds or interference from natural nanosized
materials. Regardless, with proper controls and preci-
sion, this method has the potential to achieve the de-
sired goal.

Conclusion

We have reported the development of two novel fluorescently
labeled peptides that can detect a broad variety of ENPs in a
quantitative manner and in less than 1 min. Currently, there are
no rapid, inexpensive methods to detect ENPs in solution, and
the use of these designer fluorescently labeled peptides has the
potential to improve both experimental interpretation and oc-
cupational health and safety of workers.
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