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ABSTRACT Lysenin, which is an earthworm toxin, strongly binds to sphingomyelin (SM).
Lysenin oligomerizes on SM-rich domains and can induce cell death by forming pores in the
membrane. In this review, the assembly of lysenin on SM-containing membranes is discussed
mostly on the basis of the information gained by atomic force microscopy (AFM). AFM data
show that lysenin assembles into a hexagonal close packed (hcp) structure by rapid
reorganization of its oligomers on an SM/cholesterol membrane. In case of a phase-separated
membrane of SM, lysenin induces phase mixing as a result of pore formation in SM-rich
domains, and consequently its hcp assembly covers the entire membrane. Besides the lytic
action, lysenin is important as a SM marker and its pore has the potential to be used as a
biosensor in the future. These points are also highlighted in this review.
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1. Introduction

Lysenin is a pore-forming toxin (PFT) from the aerolysin family [1]. Lysenin was originally
purified from the coelomic fluid of earthworm Eisenia fetida as a protein that causes
contraction of rat vascular smooth muscle [2]. Lysenin has also been shown to possess
hemolytic and cytolytic activities [3]. Molecular cloning of this protein revealed that lysenin is
composed of 297 amino acids and two homologous proteins to lysenin are present in E. fetida
[4,5]. While lysenin appears as a 41-kDa band in SDS-PAGE, the molecular mass of lysenin is
33 kDa from gel filtration chromatography and mass spectrum analysis, which is consistent
with the molecular weight calculated from the sequence. Lysenin induces the hemolysis of
erythrocytes from various animals, which is inhibited by preincubation of the protein with
sphingomyelin (SM)-containing liposomes [3,6]. Among animal species tested, sheep
erythrocytes, which lack phosphatidylcholine and instead are highly enriched with SM, were
most sensitive to lysenin. These results suggest the possibility that SM is the target of lysenin.
The specific binding of lysenin to SM has been demonstrated through a variety of approaches
including ELISA, TLC immunostaining assay, liposome lysis assay and surface plasmon
resonance analysis [3]. The association of lysenin with SM-containing membranes occurs
rapidly and the dissociation is extremely slow, yielding a low dissociation constant (Kq = 5.3
nM). Both the hydrophilic choline headgroup and the hydrophobic hydrocarbon tails of SM
are necessary for its interaction with lysenin, indicating the strict lipid specificity in lysenin
binding.

Upon binding to SM, lysenin forms oligomers, leading to pore formation on model and cell
membranes. The oligomerization of lysenin is certainly facilitated by the presence of
cholesterol (Chol) in SM-containing membranes, whereas its binding to SM is only slightly
affected by Chol [3,6,7]. Fatty acid composition of SM also influences the oligomerization of
lysenin, but not the binding of lysenin to SM. At 37 °C, lysenin oligomerizes in the presence
of palmitoyl (C16:0) SM, stearoyl (C18:0) SM, palmitoleoyl (C16:1) SM, oleoyl (C18:1) SM
or brain SM. In contrast, at 4 °C, only C16:1 SM and C18:1 SM facilitate oligomerization.
These results suggest that the membrane fluidity affects the oligomerization step of lysenin [6].
The organization of isolated lysenin oligomer was biochemically studied through antibody
scanning analysis using anti-peptide antibodies established against synthetic peptides based on
the amino acid sequence of lysenin [6]. Antibodies raised against the C-terminus of lysenin
strongly recognized lysenin oligomer, while antibodies against the N-terminus detected only
monomer, suggesting that the C-terminal domain of lysenin is exposed and the N-terminal
domain is hidden in the oligomeric complex. The truncated lysenin mutant lacking the
N-terminal 160 amino acids still binds to SM specifically, but loses the toxicity [8].
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Consequently, the C-terminal domain of lysenin (161~297) is necessary for binding to SM,
while the N-terminal domain (1~160) takes part in pore formation.

This review focuses on the assembly of lysenin on both homogenous and phase- separated
membranes of SM, visualized using atomic force microscopy (AFM). AFM was used to study
the assembly of a wide variety of PFTs on planar lipid membranes. These studies were
reviewed recently [9,10]. Here, the assembly of lysenin on lipid membranes is discussed in
detail on the basis of the findings obtained by AFM observation and other techniques. The
significance of lysenin in biology and biotechnology, apart from its toxic action, is also

mentioned.

2. Lysenin assembly on a homogeneous membrane of SM
2.1. Structure of lysenin assembly

The structure of the assembly of lysenin oligomers was first revealed by transmission
electron microscopy (TEM) [6]. The TEM images showed that lysenin oligomers arrange into
a honeycomb-like structure on liposomes of SM/Chol (1/1) (mol/mol). With the emergence of
the high-speed AFM technique [11,12], the assembly pathway of this honeycomb-like
structure could be visualized under physiological conditions at high spatio-temporal resolution
[13].

In Figure 1A, a high-resolution AFM image of an assembly of lysenin oligomers on a
planar membrane of SM/Chol (1/1) (mol/mol) mixture is shown. Each round feature with an
inner hole corresponds to an oligomer. The arrangement of lysenin oligomers is a hexagonal
close packed (hcp) structure. In this arrangement, oligomers of different heights exist. The tall
and short oligomers are assigned as prepores and pores, respectively. The nomination “pore” is
used to refer to the membrane-inserted oligomer, however, the possibility of partial insertion is
not ruled out because of the presence of a solid support beneath the planar lipid bilayer. The
effect of the solid support on PFT assembly was discussed in a recent review article [9]. The
existence of prepores implies that oligomerization is essential for the membrane insertion of
the toxin. This is a common assembly pathway for B-PFTs, which form a p-barrel to span the
membrane [14,15]. The heights of lysenin oligomers in prepore and pore states were measured
to be around 11 and 8 nm, respectively [16]. The prepore height is consistent with the length
of the water-soluble lysenin monomer [1]. This suggests that lysenin protomers in prepore
state are oriented in a straight position on the membrane surface, as depicted in Figure 1B.
The difference between the prepore and pore heights was found to be up to 3 nm. The AFM
observation of other B-PFTs, such as perfringolysin O, suilysin and listeriolysin O, also
showed a significant reduction in oligomer height upon prepore-to-pore transition [17-19].



The pore structure and the mechanism of pore formation by lysenin were carefully
examined in two recent studies conducted by collecting single particle cryo-electron
microscopy (cryo-EM) or x-ray diffraction (XRD) data [20,21]. The analysis of the crystal
structure of the oligomeric pore of wild-type lysenin [20] or mutant lysenin, lacking the five
negative charges in the transmembrane region (Glu84GIn, Glu85Lys, Glu92GIn, Glu97Ser and
Aspl26Gly) [21], revealed that each lysenin oligomer consists of nine subunits. The
nonameric assembly of lysenin was also confirmed by AFM imaging which was performed
under physiological conditions for wild-type lysenin incubated with SM/Chol (1/1) (mol/mol)
membrane (Figure 1C). The consistency of results obtained for both wild-type and mutant
lysenin using different techniques and under different experimental conditions denotes that
“nonamer” is energetically the most favorable oligomeric assembly for lysenin. In the
nonameric pore, each protomer is divided into three domains: the C-terminal, N-terminal and
B-hairpin domains (Figure 2A). While the C-terminal domains of each protomer are bound to
the phosphocholine heads of three SM molecules through electrostatic interactions, nine
B-hairpins are formed by unfurling of a significant portion of the N-terminal domains. As
shown in Figure 2B, the C-terminal and N-terminal domains constitute the cap and collar of
the mushroom-shaped pore, whose central stem is built of a long B-barrel. The B-barrel
extends from the top to the bottom of the pore, different from hemolysins and aerolysin,
although lysenin is a member of the aerolysin family [22-24].

A comparison of the crystal structure of lysenin nonamer with AFM data shows that the
diameter of the pore crystal structure, measured to be ~12 nm, agrees well with that obtained
from the AFM data [20,21]. According to the AFM data, the lateral dimensions of prepores
and pores are similar. This might imply that C-terminal domains remain intact during
prepore-to-pore transition. By superimposition of the C-terminal domains of the water-soluble
monomers and the protomers in the pore state [21], the vertical collapse was found to be ~2
nm, which is consistent with the height reduction observed by AFM. According to the crystal
structure, the prepore and pore heights from the membrane surface are ~9 and ~7 nm,
respectively. These values are shorter than the prepore and pore heights measured in the course
of assembly of lysenin on the phase-separated membrane of SM/dioleoyl- phosphatidylcholine
(DOPC)/Chol (2/2/1) (mol/mol/mol) [16]. This difference might be resulting from the
existence of a viscous water layer surrounding the oligomers or a possible deformation in the
membrane. The high concentration of pores in the SM-rich domains might have induced
membrane deformation, leading to the increase in the height difference between the SM-rich
domains and the oligomer-free DOPC-rich phase, and consequently an increase in the
oligomer height relative to the oligomer-free regions of the membrane.



Another point that is worth mentioning about the structure of lysenin assembly is the
existence of incomplete arc-shaped oligomers (Figure 1A), as observed for other B-PFTs
[9,10]. The SM/Chol (1/1) (mol/mol) membrane preincubated with lysenin prior to AFM
imaging contained arc-shaped oligomers both in prepore and pore states [13]. However, the
majority of the arc-shaped oligomers of lysenin was in prepore state. The existence of arcs in
pore state implies that the incomplete oligomers can also convert to pores and once they
collapse they do not grow further even in the presence of excess monomer. The arc-shaped
pores, which have a proteolipidic structure, are also functional, i.e., they can damage the cell
membrane [25,26]. The analysis of arc-shaped oligomers revealed that they exhibit the same
curvature with the complete oligomers and consist of mostly four, five and six subunits [21].
The subunit number distribution of arcs denotes that “monomer” is the growth unit in the
oligomerization of lysenin, as suggested for the assembly of a-hemolysin and Chol-dependent
cytolysins (CDCs) [27,28].

The population of the arc-shaped oligomers of lysenin is very low [13,21], unlike CDCs,
which form large oligomers [10]. The low oligomerization number or small oligomer size
might be one of the factors in the formation of an ordered assembly of lysenin, with a low
population of arcs, as observed for a-hemolysin [29]. In addition to the small size of lysenin
oligomers, which are nonamers, the high fluidity and tight packing of lipids in the
liquid-ordered SM/Chol membrane may suppress the concentration of arcs by increasing the
oligomerization rate and slowing down the transition from prepores to lower energy-state
pores [30]. In a recent study, it is suggested that oligomerization should be step-wise and
reversible to promote the formation of complete oligomers [31]. Thus, the low concentration
of arcs may indicate that lysenin oligomerization is both step-wise and reversible at early
stages of assembly.

2.2. Mechanism of lysenin assembly into an ordered structure

Above, the structure of lysenin assembly was described on the basis of AFM data and the
crystal structure of lysenin pore. In this section, the assembly mechanism of lysenin into an
hcp structure will be discussed. Although ordered assemblies of some PFTs were visualized by
AFM [29,32,33], the assembly pathway of PFTs into an ordered structure, reminiscent of
two-dimensional crystals, has not been reported except for lysenin. Thus, lysenin can be a
model toxin to understand the behavior of PFTs forming small oligomers. Since the final
structure of lysenin assembly resembles a two-dimensional crystal, it should be appropriate to
interpret its mechanism of assembly with the help of the information obtained from the

crystallization pathways of other proteins.



The formation of two-dimensional crystals of some proteins, such as lysozyme, insulin,
apoferritin, annexin V and HIV capsid protein, was visualized by AFM [34-41]. While
lysozyme, insulin and apoferritin form multilayers, the crystals of annexin V and HIV capsid
protein are made of a monomolecular layer at the solid-liquid interface. The general
mechanism suggested for crystallization is nucleation, growth of crystal domains and their
merging. The assembly of lysenin exhibits a similar mechanism after membrane binding and
oligomerization [13]. The domains of close-packed lysenin oligomers forming on different
regions of the membrane merge in a time interval shorter than a minute, resulting in the
formation of a stable hexagonal two-dimensional crystal-like structure (Figure 3).

A close look at the assembly pathway also revealed that lysenin oligomers reorganize via
lateral diffusion during the growth of the crystal-like domains [13]. The fast reorganization of
lysenin enables the formation of an hcp assembly with only a few defects. In the initial stages
of assembling, there are both disordered and ordered assemblies of oligomers. The disordered
assemblies are the diffusive regions in which the oligomers are randomly distributed. The
ordered assemblies are either arrays or small domains of hcp oligomers. The randomly
forming oligomers and arrays of oligomers are more susceptible to dissociation and
reorganization than the close-packed oligomers. The randomly forming oligomers gradually
diminish and the domains of close-packed oligomers grow larger in time, similar to Ostwald
ripening. During the growth of domains, the domain edges manifest high dynamics because of
the high line energy, resulting from the smaller number of interaction sites, and/or the
misorientation of the oligomers [42]. The AFM images collected within a time interval of 0.15
s show the association and dissociation of oligomers at domain edges (Figure 4). The average
residence time of lysenin oligomers was found to be ~0.45 s. Using conventional AFMs, the
incorporation of protein monomers or clusters into the crystal lattice can be tracked at high
temporal resolution only along a single scan line, which is named the linescan technique
[35,36,38,39]. This technique may provide a scan rate as high as 1 line/ms, however, the
scanner drift can be a significant artifact for linescan imaging. Thus, employment of
high-speed AFM is necessary for the visualization of protein dynamics at high spatio-temporal

resolution.

2.3. Effect of molecular crowding on lysenin assembly

Although the existence of both stable hcp oligomers and dynamic oligomers during
assembling of lysenin on SM/Chol (1/1) (mol/mol) bilayer was revealed by Yilmaz et al. [13],
their lateral diffusion was examined quantitatively in a recent study by Munguira et al. [43].
The authors employed a novel analysis methodology to analyze the high-speed AFM images



of the assembly of lysenin oligomers formed by preincubation on the SM/Chol (1/1)
(mol/mol) membrane. Using this technique, they correlated the protein diffusion to the
molecular environment. In this analysis technique, which provides very useful information on
the dynamics of the oligomers and the domain characteristics, the time-dependent stability of
lysenin oligomers was quantified by the calculation of variance and kurtosis. The analysis
shows the coexistence of several diffusion regimes: the solid phase, which consists of stable
hcp oligomers of lysenin, the liquid phase, where the oligomers freely diffuse, and the glassy
phase, in which the oligomer mobility is restricted by immobile oligomers. The glassy phase
was also categorized as sliding glass and fluid glass. The oligomers surrounding the solid
phase were trapped for time scales up to minutes and named “sliding glass”. The term “fluid
glass” was used for the oligomers which were caged for periods shorter than 10 s. Additionally,
the averaging of images revealed that a few oligomers in pore state were stuck because of
interacting with the mica surface. These trapped oligomers affect the diffusion of the
surrounding oligomers. The existence of stuck oligomers, which may cause some defects in
the final close-packed structure, is a good proof of the possible effect of the mica substrate on
the local membrane diffusion and the assembly structure. These findings may help to explain
the disordered assemblies of lysenin oligomers observed on some regions of the membrane by
Yilmaz et al. [13].

2.4. Thermodynamic aspects of lysenin assembly

The hcp assembly of lysenin oligomers is thermodynamically stable after covering the entire
membrane. The assembly pathway of lysenin consists of three steps: 1) lysenin binds the
membrane via electrostatic attraction between its C-terminal domain and the phosphocholine
headgroups of SM molecules [1,20,21], 2) lysenin monomers diffuse rapidly along the
membrane surface and oligomerize through the interaction between their C-terminal domains
[21], 3) lysenin oligomers reorganize on the membrane surface via rapid lateral diffusion to
assemble into an hcp structure. Although lysenin strongly binds to SM, the fluidity of the
liquid-ordered SM/Chol membrane facilitates the oligomerization of lysenin by enabling the
fast lateral diffusion of the monomers on the membrane surface [7] and the assembling of
oligomers into an hcp structure. The lipid membrane-mediated protein assembly yields a stable
ordered structure, unlike most two-dimensional supramolecular architectures, which are
constructed on solid surfaces via weak adsorbate-substrate interactions [44].

The reaction enthalpy for binding of lysenin to SM/DOPC and SM/DOPC/Chol liposomes
was measured to be between -3.6 to -4.4 kcal/mol SM (-18 to 26.4 kcal/mol lysenin) at 25 °C
in previous studies [7,45]. Thus, the binding of lysenin to the membrane, which is the first step



in lysenin assembly, is likely enthalpy-driven, i.e., the enthalpic contribution to the free energy
change is higher than the unfavorable entropy of association [46,47]. In the second step,
oligomerization of lysenin is promoted by its high concentration on the membrane surface and
high lateral mobility. The fast oligomerization of lysenin can be ascribed to the attraction
between the C-terminal domains of its membrane-bound monomers. This attractive interaction
might be of hydrophobic origin, since the water molecules structuring around the hydrophilic
domains lead to repulsion, which increases the energy barrier and accordingly slows down the
association [48-50]. Besides the attraction between lysenin monomers, the contribution of
entropy to the protein association should also be taken into consideration. Despite the
restricted translational and rotational freedom, the increase in vibrational entropy favors the
protein association [51,52]. Also, the entropy gain upon release of water molecules in the
hydration shell of each monomer into the bulk water might further the oligomerization of
lysenin. The hydration shell is structurally different than the bulk water [53-56]. It is mainly a
monolayer of water molecules (~0.3 nm), which has a higher density and thus a lower mobility
than the bulk water because of being structurized or restrained at the interface [54,57,58].
However, the thickness of the hydration layer may extend to four layers with the first layer
being the most retarded due to the stronger hydrogen bonding [59,60]. Upon association of
protein monomers, the release of water surrounding the protein leads to an increase in the
entropy of the bulk solution. Vekilov et al. [61,62] reported that the entropy gain due to the
disruption of the hydration layer is much larger than the entropy loss resulting from the
immobilization of protein molecules within the crystal lattice. Thus, the main thermodynamic
driving force for the crystallization of proteins was attributed to the maximization of the
entropy of water. The same mechanism can be suggested for the third step of lysenin assembly,
I.e., the assembly of lysenin oligomers into an hcp structure, since most of the oligomers
locally crystallized in the course of assembly at the expense of the decrease in their lateral
motion.

3. Lysenin assembly on phase-separated membranes of SM
3.1. Selective binding of lysenin to SM-rich domains

Although lysenin specifically interacts with SM, biochemical analyses on model and cell
membranes indicate that its binding to the membrane is dependent on the biophysical state of
SM determined by the coexistence of other lipids in the membrane. The presence of
glycolipids, such as glucosylceramide, galactosylceramide or gangliosides, in the same
membrane dramatically reduces the binding of lysenin to the membrane [45,63]. This
phenomenon is observed not only in model membranes, but also in cell membranes. In
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polarized MDCK epithelial cells, apical membranes are highly enriched with glycolipids and
only basolateral membranes are accessible for lysenin. Another example is mouse melanoma
cell line and its mutants. Parental MEB4 cells that contain high amounts of glycolipids are
resistant to lysenin, whereas mutant GM95 cells lacking glucosylceramide synthase, which is
the enzyme necessary for the first step of glycolipid synthesis, are sensitive to the toxin. The
revertant GM95 cell line, where glucosylceramide synthase gene is re-introduced, becomes
resistant again. These results imply two possibilities: 1) sugar chains of glycolipids prevent the
interaction between SM and lysenin due to steric hindrance, or 2) glycolipids change the
distribution of SM in the membrane because both lipids are preferentially located in the same
membrane microdomains called lipid rafts. Studies using model membranes support the latter
possibility. Lysenin is capable of accessing to SM/DOPC liposomes, while it does not bind to
SM/dipalmitoylphosphatidylcholine (DPPC) liposomes [45]. In the membrane, SM mixes well
with DPPC, but not with DOPC, because the gel-to-liquid crystalline phase transition
temperature of SM is almost the same as that of DPPC and much higher than that of DOPC.
As a result, SM molecules form clusters in DOPC liposomes, whereas they are dispersed in
DPPC liposomes [64]. Taken together, lysenin can recognize clustered SM, but not dispersed
SM. The binding stoichiometry calculated from the isothermal titration calorimetry is one
lysenin to five SM molecules, supporting the idea that lysenin binds to clustered SM [45].
Furthermore, fluorescent non-toxic truncated lysenin also preferentially recognizes clustered
SM in model membranes as well as cell plasma membrane [63].

The selective binding of lysenin to SM-rich domains was also studied using AFM. The
localization of lysenin on SM-rich domains of phase-separated membranes was directly
visualized by AFM imaging [16,63,65]. These results will be discussed in Section 3.2. In
addition to AFM imaging, the findings from direct force measurement by AFM provided
useful information about the strength of the lysenin-SM interaction and the nanomechanical
properties of the membrane [66]. The force curves measured between an AFM tip conjugated
with lysenin and the SM-including bilayers showed that lysenin interacts with SM-containing
membranes only at high local concentrations of SM, i.e., clustered SM. Attractive forces were
observed for SM, SM/Chol bilayers and the phase-separated bilayers of SM. Lysenin did not
bind SM/DPPC membrane because of SM being dispersed within the gel phase DPPC, as
mentioned above. Thus, SM/DPPC membrane exhibited zero force. The comparison of the
binding forces obtained for SM, SM/Chol membranes and the SM-rich domains in
phase-separated membranes indicated that the strength of the attraction between lysenin and
SM does not vary with lipid composition as long as SM forms clusters. However, the
two-dimensional force mapping revealed the existence of additional attractive forces weaker
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than those observed in the SM-rich domains surrounded by the DOPC-rich phase. These
forces were exerted by small clusters of SM, which could not be resolved by AFM imaging, in
the DOPC-rich phase. The detection of such small clusters of SM suggests that force mapping
by AFM is a strong method to resolve the SM distribution at high precision. In addition to the
chemical identity, the degree of membrane deformation was also obtained from the force
curves. The mechanical deformation, resulting from the pull-off force during tip retraction,
depended strongly on the lipid composition. For pure SM bilayer, which is in gel phase, the
deformation was found to be minimum. The addition of 15% Chol or 50% DOPC to SM
increased the membrane elasticity and accordingly the deformation.

3.2. Effect of phase coexistence on lysenin assembly

In the previous section, the affinity of lysenin to clustered SM was discussed. In this section,
we will discuss the effect of phase coexistence on lysenin assembly and the membrane
reorganization induced by lysenin. At phase boundary, line tension exists because of the
deformations caused by the hydrophobic mismatch [67,68]. In addition, the lack of a stable
hydration layer at the boundary [69] reduces the energy barrier for the adsorption of
biomolecules. Because of these reasons, proteins and peptides may prefer to bind or localize at
the phase boundary [70-72]. Equinatoxin Il (Eqll), which is another SM-binding PFT, initially
binds the boundary between the liquid-ordered (Lo) and the liquid-disordered (Ld) phases
before concentrating in the SM-poor Ld phase, as demonstrated by total internal reflection
fluorescence imaging on droplet interface bilayers [73].

Before explaining the assembly pathway of lysenin on a phase-separated membrane of SM
and the effect of phase coexistence on its assembly, the different lipid-phase distribution of
lysenin and Eqll, the two SM-binding toxins, will be discussed. Both the confocal microscopy
and AFM images show that lysenin and Eqll prefer clustered and dispersed SM, respectively
[63]. Apparently, Eqll needs fewer SM molecules than lysenin to bind the membrane. The
affinity of these two toxins to different membrane regions might also be resulting from the
differences in their assembly pathway. Lysenin forms prepores before membrane insertion,
whereas Eqll oligomerizes after insertion of its N-terminal domain into the lipid bilayer [74].
Hence, Eqll may need looser lipid packing, favoring the fast membrane insertion of single
N-terminal domains and the addition of monomers into the inserted oligomeric assembly of
Eqll. As discussed in a recent review by Rojko and Anderluh [30], the lipid headgroups in Ld
phase are more exposed than those in Lo phase; hence, PFT binding can be enhanced in the
fluid regions of the membrane. In addition, these regions may facilitate the pore formation by
lowering the energetic barrier for the insertion of PFTs into the membrane. However, not only
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the membrane fluidity, but the hydrophobic mismatch between the transmembrane region of
PFT oligomers and the lipid bilayer plays an important role as well. Lysenin pores, having a
long B-barrel, can be accommodated only in the thicker Lo phase. Briefly, the SM
concentration, membrane fluidity and the membrane thickness should be the factors effective
in the partitioning of lysenin and Eqll in different regions of the membrane.

In the course of assembly of lysenin on SM/DOPC/Chol membrane, lysenin first assembles
on the SM-rich Lo domains of SM/DOPC/Chol membrane [16]. It shows no apparent affinity
to the phase boundary, in contrast to Eqll, despite the lipid packing defects and the higher
accessibility to SM headgroups at the boundary than on the Lo domains. After the full
coverage of the SM-rich domains by oligomers, their hcp assembly gradually expands into the
Ld phase and eventually covers the entire membrane. The full coverage of the membrane with
an hcp assembly of lysenin oligomers denotes the complete mixing of Lo and Ld phases. The
mechanism underlying the phase mixing was ascribed to the pore formation by lysenin. It is
highly possible that the interactions between lipid molecules in the SM-rich Lo domains are
interrupted during pore formation and subsequently the excess SM and Chol in the Lo
domains are expelled into the DOPC-rich Ld phase. The excluded SM and Chol can form
undetectably small clusters, facilitating the further binding of lysenin to the membrane after
the full coverage of the Lo domains with oligomers. Thus, the gradual phase mixing leads to
the enlargement of the hcp assembly. The mechanism of lysenin-induced membrane
reorganization is illustrated in Figure 5. Phase mixing was also observed for other
SM-binding toxins. Sticholysins | and Il accumulate in the Ld phase of SM/DOPC/Chol
membrane, similar to Eqll, and induce phase mixing by membrane insertion [75]. Membrane
rearrangement is likely to occur only in case of pore formation or membrane penetration.
a-Hemolysin, which binds the phase boundary and concentrates in the Ld phase, does not
cause any significant change in the lateral membrane organization because it does not insert
into the membrane at the phase boundary and only partially spans the membrane in the Ld
phase [76]. As a conclusion, the AFM observations for sticholysins and a-hemolysin support
the mechanism suggested for the membrane reorganization induced by lysenin.

Although the phase boundary between SM-rich Lo domains and DOPC-rich Ld phase is not
the concentration platform for lysenin, the behavior of lysenin can be different in the absence
of Chol. AFM images recorded using a conventional AFM showed the localization of lysenin
oligomers along the boundary between SM-rich and dilauroylphosphatidylcholine
(DLPC)-rich phases in the absence of Chol [65]. Because of the high rigidity of SM-rich
domains in the absence of Chol, the boundary may become more attractive for lysenin due to
the lipid packing defects. Lysenin was not observed at the phase boundary between the
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SM-rich and DLPC-rich phases in the presence of Chol. One reason might be the high lateral
diffusion enabling the fast motion of lysenin from the boundary toward the center of the
SM-rich Lo domains and thus preventing the accumulation of lysenin at the boundary. Similar
phenomenon was observed for the partitioning of alkaline phosphatase on SM/DOPC and
SM/DOPC/Chol membranes [77]. The Chol-dependent distribution was attributed to the
variations in lateral diffusion and line tension. In case of lysenin, the concentration of SM at
phase boundary should also have a pronounced effect on the affinity of lysenin to the boundary.
The absence of lysenin oligomers at the phase boundary of Chol-containing membranes might
imply the insufficient concentration of interfacial SM molecules. Hence, the Chol-dependent
partitioning of lysenin can be a useful finding to probe the relative concentration of interfacial
SM at different lipid compositions.

4. Functions of lysenin besides its well-known toxic action
4.1. Applications of lysenin in biology

Since the characterization of its SM-directed cytolytic effect, the full-length lysenin was
proved to be useful in isolating lysenin-resistant mutant cells due to the defect of SM at the
plasma membrane. These experiments were essential for the identification by the expression
cloning method of the enzymatic activities responsible of the resistance against lysenin, such
as the ceramide transfer protein (CERT) as the protein defective in the mutagenized CHO cells,
LY-A [78,79], and the SM synthasel (SMS1) lacking in the SM-deficient mouse lymphoid
cells [80]. The SM-specific toxicity of lysenin was also used to identify new inhibitors of SM
metabolism by high-throughput microscopy screening [81].

The addition of various tags such as maltose-binding protein (MBP), glutathione-S-
transferase (GST), enhanced green fluorescent protein (EGFP), Dronpa, mCherry to the N
terminus of the non-toxic (NT)-lysenin (fragment 161-297) did not change its binding
specificity and these labeled NT-lysenin have been used to observe SM distribution by
confocal and super resolution microscopy [5,8,63,82-84]. GST-tagged NT-lysenin
demonstrated the accumulation of SM in the lysosomes of fixed and permeabilized fibroblasts
from patients with Niemann Pick type A disease deficient in lysosomal acid sphingomyelinase
[8]. SM-rich domains with an average radius of 124 nm were observed by photoactivated
localization microscopy (PALM) analysis in living HeLa cells stained with photoswitchable
fluorescent Dronpa-NT-Lysenin [82]. In addition, phosphatidylinositol bisphosphate (PIP2)
clusters labeled with Dronpa-PH domain in the inner leaflet of the plasma membrane of
LLC-PK1 cells were localized just beneath the SM clusters labeled by Alexa 647-lysenin in
the outer leaflet. Depletion of SM by sphingomyelinase treatment dispersed PIP2 and inhibited
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the recruitment of the small GTPase RhoA to the cleavage furrow, leading to abnormal
cytokinesis [83].

In addition to fluorescence microscopy, lysenin can be used in immunoelectron microscopy
analysis. Using SDS-digested freeze-fracture replica labeling (SDS-FRL) immunoelectron
microscopy with MBP-lysenin, Murate et al. [85] revealed the presence of SM domains and
analyzed the transbilayer SM distribution in the plasma membrane. SM was found exclusively
in the outer leaflet of human red blood cells, whereas about 12% of SM were distributed in the
inner leaflet of human skin fibroblasts. In addition, SM domains with a radius of 60-180 nm
were detected in the inner leaflet, whereas SM domains with an average radius of 36 nm were
in the outer leaflet. Furthermore full-length lysenin and its tagged non-toxic fragments are
often used to verify the efficiency of sphingomyelinase treatment, the knockdown or the
overexpression of SMS in various cells or in model membranes [86,87].

Recently He et al. [88] used nanoscale secondary ion mass spectrometry (nanoSIMS)
imaging with 15N-labeled lysenin in combination with 15N-labeled Chol-binding proteins
(perfringolysin O and its domain D4 ALO-D4) to visualize SM-rich and Chol-rich domains in
the plasma membrane of CHO cells. Their results revealed that Chol and SM are not
distributed evenly, but are enriched on the surface of microvilli. In addition, the distribution of
Chol and SM were found similar (but not fully identical) in contrast to the results of Fritz et al.
[89] that used nanoSIMS imaging with 15N-labeled sphingolipid precursors and 180-labeled
Chol to visualize sphingolipid-rich and Chol-rich domains. While sphingolipids were unevenly
distributed forming domains with a mean diameter of 200 nm, Chol was evenly distributed in

the plasma membrane of 3T3 fibroblasts.

4.2. Possible applications of lysenin in biotechnology

PFT pores can be functionalized to be employed as biosensors. The change in the ionic
current passing through the pores under an applied potential can provide information about the
concentration and the identity of the analyte. The detection of metal ions, organic molecules
and macromolecules by a-hemolysin pores was reviewed by Bayley et al. [90-92].

The sensitivity of the lysenin pore to metal and organic cations was studied by electro-
physiological measurements to shed light on the pore activity [93-101]. Single-channel
experiments showed that lysenin pores incorporated into asolectin bilayers function as
voltage-gated channels with low ion selectivity [93]. Further investigations revealed that salt
concentration and pH highly affect the gating of lysenin pores, indicating that the gating
mechanism is governed by the electrostatic interactions [94]. The ionic transport increases as
the concentration of monovalent metal cations is heightened, whereas multivalent metal
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cations induce partial or full closing of the lysenin channels [95]. Similar to multivalent metal
cations, cationic polymers also prompt the current blockage because of being trapped inside
the channel [98]. The lysenin pores switch from open to partially closed or closed states due to
the conformational changes induced by multivalent metal cations and highly charged organic
cations. The sensitivity of the lysenin pore to DNA was also examined [21,102] and the effect
of DNA on the single channel current indicated that lysenin pore may become a candidate
nanopore for DNA detection in the future. Considering that the PFT pores have received
attention especially in DNA sequencing [103], further examination and improvement of the
properties of the lysenin pore are necessary. Advantages of lysenin in the development of PFT
nanopores as sensors are its stability in pore state and tendency to form complete oligomers.
Because the arc-shaped proteolipidic pores are noisier and have lower ionic conductivity than
ring-shaped pores [104], the high ratio of complete oligomers of lysenin to arcs may provide
reproducible and high pore activity.

In addition to biosensing, the lysenin pore may have other potential future applications such
as drug delivery, cancer treatment and development of biobatteries [105,106]. AFM
visualization of the voltage-dependent gating of the lysenin pore and its interaction with
organic and biological molecules would help to unravel its possible functions in
nanobiotechnology and nanomedicine.

5. Conclusions

Due to the better characterization of its molecular mechanism of action, the SM-specific
protein, lysenin (and its derivatives) has attracted increasing attention not only as a specific
tool to visualize the distribution and dynamics of SM in model and cell membranes in various
patho-physiological conditions, but also in a more general approach, as a model of PFT
assembly and PFT-induced membrane reorganization for high resolution techniques.

AFM imaging demonstrated the assembly pathway of lysenin on both homogenous and
phase-separated membranes of SM. Although the hcp structure formed by lysenin oligomers
on SM-containing liposomes was visualized in earlier studies using TEM, the mechanism of
assembly was not known. The high-speed AFM technique, providing high temporal and spatial
resolution, allowed the examination of the dynamic processes occurring during the assembly
of lysenin on model membranes. This review summarizes all these findings together with the
data obtained by biochemical and other biophysical techniques. Two factors play significant
roles in the assembly of lysenin. These are the local concentration of SM and the presence of
Chol. It is well known that lysenin binds to clustered SM, and the presence of Chol facilitates
the oligomerization of lysenin. The high lateral diffusion along the SM/Chol membrane allows
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the hexagonal close packing of lysenin oligomers. Although the oligomerization of lysenin
could not be tracked, the assembly of lysenin oligomers into an hcp structure could be
successfully followed using high-speed AFM. The effect of phase coexistence on lysenin
assembly was also studied using the same technique. A careful examination of the time-lapse
AFM images revealed that pore formation in SM-rich domains induces phase mixing. Without
high-speed scanning, it would have been difficult to determine the mechanism of membrane
reorganization. Interestingly, lysenin oligomers were not detected at the phase boundary
during the early stages of assembly. However, in another study they were found to localize at
the phase boundary in the absence of Chol, possibly due to the higher interfacial concentration
of SM and the higher line energy. Since the distribution of lysenin along the SM-rich domains
may show some differences depending on the lipid composition, performing the experiments
of lysenin assembly on cell membranes using AFM will comprehend the toxic action of
lysenin. Unlike model membranes, the assembly of lysenin and other PFTs on cell membranes
has not been studied at high resolution. The recent development of long-tip high-speed AFM
[107] may enable the examination of the PFT assembly on cell membranes at high
spatiotemporal resolution. In addition to living cell membranes, plasma membrane fragments
such as giant plasma membrane vesicles [108,109] will be useful to study the toxin assembly
for a complex system. Upon fusion of these vesicles, flat membrane patches may form on the
solid substrate, allowing the high-resolution imaging. While working with cell membranes,
another point that should be considered is the identification of the target molecule within a
crowded environment. For this purpose, force measurements using anti-lysenin antibody can
be performed for the detection of lysenin on the cell membrane. These techniques together
with other techniques such as in situ fluorescent measurement will provide further information
on the molecular mechanisms of lysenin assembly.
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Figure Legends
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Fig. 1. Lysenin oligomers.

(A) Three-dimensional AFM height image of the hcp assembly of lysenin oligomers on
SM/Chol (1/1) (mol/mol) bilayer with the height profile (inset) [13]. Arrows indicate
the arc-shaped oligomers. (B) Illustration of the lysenin prepore and pore on lipid
bilayer. (C) Two-dimensional (top) and three-dimensional (bottom) AFM height

images of the lysenin oligomer [21].
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Figure 2. Yilmaz
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Fig. 2. Formation of lysenin pore [21].

(A) The conformational change and the vertical collapse in lysenin protomer upon
prepore-to- pore conversion. Yellow, pink-red and blue parts represent the N-terminal
domain, the parts forming the -hairpin and the C-terminal domain, respectively. The
dotted grey lines indicate the position of the membrane surface. (B) Crystal structure
of the lysenin pore. The dotted box and the bigger gray box encompass the collar and
the cap, positioned above the membrane surface, respectively. Each protomer in the

oligomer is represented by a different color.
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Figure 3. Yilmaz
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Fig. 3. Organization of lysenin oligomers.

Time-lapse AFM height images (top) and their schematic illustration (bottom) showing the
formation of the hcp assembly of lysenin oligomers on SM/Chol (1/1) (mol/mol) bilayer [13].
Each lysenin oligomer is depicted in green in the illustration. The patches of very intense
signal high above the membrane are the liposomes which did not fuse during the preparation

of the supported lipid membrane.
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Figure 4. Yilmaz

Fig. 4. Subsecond dynamics of lysenin oligomers.

Time-lapse AFM height images showing the dynamics of lysenin oligomers at the edge of the
hcp assembly on SM/Chol (1/1) (mol/mol) bilayer [13]. The oligomers at the assembly edge
are depicted in green in the images to the right. Arrows indicate an oligomer dissociating and

reassociating.
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Figure 5. Yilmaz
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Fig. 5. Hlustration of lysenin-induced membrane reorganization.
Top view (A), adapted from [16], and side view (B) of lipid distribution in the presence of
lysenin monomers (1), prepores (2) and pores (3).
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