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T
racking biomolecular processes at or
near a surfacewith sufficient sensitivity
to reach the single-molecule level has

emerged as a key component of basic
science and is on the verge to be transferred
to both medical diagnostics and drug dis-
covery.1�5 In this area, most work on time-
resolved single-molecule imaging relies
on labeling by fluorophores,1�4,6 quantum
dots,7 or metallic nanoparticles.8 Recently,
label-free imaging of nanoscale dielectric
supramolecular assemblies has also been
accomplished using interferometric micro-
scopy, a method which has been proven
capable of detecting weakly scattering

objects such asmetallic nanoparticles down
to 5 nm in diameter9,10 as well as dielec-
tric particles, such as viruses,11�13 lipid
vesicles14 (∼50�100 nm in diameter), and
most recently, even individual proteins.15,16

Monitoring of surface binding of nanopar-
ticles can also be efficiently carried out by
more conventional microscopy techniques
employing evanescent light to visualize ob-
jects in close proximity to a solid�liquid
interface.Due to thehigh surface confinement
of the illumination profile, significantly higher
surface sensitivity can be achieved in this
case compared to standard epi-illumination
and confocal-based microscopy. This in turn
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ABSTRACT Advancement in the understanding of biomolecular

interactions has benefited greatly from the development of surface-

sensitive bioanalytical sensors. To further increase their broad

impact, significant efforts are presently being made to enable

label-free and specific biomolecule detection with high sensitivity,

allowing for quantitative interpretation and general applicability at

low cost. In this work, we have addressed this challenge by

developing a waveguide chip consisting of a flat silica core

embedded in a symmetric organic cladding with a refractive index

matching that of water. This is shown to reduce stray light (background) scattering and thereby allow for label-free detection of faint objects, such as

individual sub-20 nm gold nanoparticles as well as sub-100 nm lipid vesicles. Measurements and theoretical analysis revealed that light-scattering signals

originating from single surface-bound lipid vesicles enable characterization of their sizes without employing fluorescent lipids as labels. The concept is also

demonstrated for label-free measurements of protein binding to and enzymatic (phospholipase A2) digestion of individual lipid vesicles, enabling an

analysis of the influence on the measured kinetics of the dye-labeling of lipids required in previous assays. Further, diffraction-limited imaging of cells

(platelets) binding to a silica surface showed that distinct subcellular features could be visualized and temporally resolved during attachment, activation,

and spreading. Taken together, these results underscore the versatility and general applicability of the method, which due to its simplicity and

compatibility with conventional microscopy setups may reach a widespread in life science and beyond.
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allows for interfacial binding to be probed, even in
the presence of an appreciable amount of molecules in
the bulk. Evanescent light illumination for applications
in microscopy is most commonly generated using
either prism- or objective-based total-internal reflec-
tion (TIR) illumination to excite fluorescently labeled
entities close to the interface. TIR fluorescence (TIRF)
microscopy can in this way be employed to observe
binding of single fluorescent objects and even single
chromophores.17�20 In addition, TIR-based dark-field
microscopy has recently been successfully used to
detect scattered light originating from metallic and
dielectric nanoparticles with reported sensitivities
down ∼40 nm for metallic gold nanoparticles and
∼100 nm for dielectric virus particles.21�23

In addition to prism- and objective-based TIR illumi-
nation schemes, evanescent-light microscopy can be
carried out using optical waveguides. By exposing a
sample to the core layer of the waveguide, the eva-
nescent part of the guided light will interact with the
sample in amanner analogous to TIR illumination.24�28

This mode of generating evanescent light has a num-
ber of advantages over conventional TIR illumination.
In TIR microscopy, the penetration depth of the eva-
nescent field is limited to around 100�200 nm from
the surface, whereas for waveguides this depth can be
tuned from below 100 nm to over a micron by varying
the refractive indices and thicknesses of the core
and/or cladding layers.26 Planar waveguides also offer
a more uniform illumination profile compared to TIR,
and it can easily be extended over macroscopic areas
limited only by the weak attenuation of the light in the
waveguide. Importantly, in waveguide microscopy the
paths of illumination and detection signals are per-
pendicular to each other. Consequently, no special
requirements are placed on the objective used for
signal collection, as is the case for in-lens TIR, where
specially designed highmagnification and high numeri-
cal aperture objectives with built-in optical path control
must be employed. Most of the above-mentioned
benefits of waveguide-based microscopy have already
beendemonstrated forfluorescently labeledprobes,26�30

while advantages offered by label-free detection
through evanescent-light-induced scattering of nano-
scopic particles has only been moderately explored,
and so far with emphasis on synthetic grid film-like
structures,24 gold nanoparticles,21,22 virions23 and bac-
terial biofilms,31 including attempts to study the forces
acting on a particle through the evanescent field.32

Herein, we introduce a simple waveguide-based tech-
nique for simultaneous fluorescent and high sensitivity
scattering imaging of surface immobilized objects to
investigate interfacial biological processes not studied
in this label-free way before.
To improve the sensitivity upon evanescent-wave

illumination and thereby enable label-free imaging
of individual optically faint surface-bound biological

entities, the stray light (background) scattering needs
to be kept atminimum. For this purpose, we developed
a sensing chip made from a planar symmetric three-
layered (organic/inorganic/organic) waveguide struc-
ture consisting of a silica core layer embedded in a
symmetric cladding made of an organic fluorinated
polymer (CYTOP), with a refractive index (n = 1.34)
closelymatching that of water (n = 1.33). This refractive
index matching together with the high smoothness
of the core layer (root-mean-square surface roughness
<1 nm) act to reduce stray light and enhance signal-
to-background contrast, here utilized for detection
of surface-bound nanoscopic biological particles in an
aqueous environment via scattering of evanescent light.
To demonstrate the broad applicability and high

sensitivity of the sensor system, we investigated the
possibility of visualizing in parallel the scattered and
fluorescent light from single lipid vesicles and studied
certain aspects of biomolecular processes where label-
free visualization of single lipid vesicles has remained
challenging or where concerns have been raised
regarding the influence on data interpretation of the
fluorescence labels employed to reach the correspond-
ing sensitivities. More specifically, the focus was placed
on (i) determination of the size distribution of individual
surface-bound lipid vesicles with nominal diameter
around 150 nm, where a significant inhomogeneity
in dye distribution among vesicles has been
reported,33 (ii) label-free detection of specific protein�
receptor binding on single lipid vesicles, (iii) digestion
of such vesicles using phospholipases, in which case
previously employed dyes have dimensions similar to
the size of the active sites,34,35 and (iv) detection of
single Au nanoparticle (∼18 nm in diameter) binding
to functionalized surface-immobilized vesicles, de-
monstrating the applicability of the technique to use
Au nanoparticles (NPs) instead of fluorophores for
studying single molecular interactions. We also moni-
tored the attachment and activation of unlabeled cells
by tracking of attachment of platelets, derived from
human blood, to a glass surface and their surface-
induced activation and growth. In addition to the
advances in the chip design, we extended the mathe-
matical formalism for describing the evanescent-light
scattering. The obtained results show that the wave-
guide setup, allowing combination of quantitative
evanescent-based scattering and fluorescence imag-
ing using ordinary microscopes, can serve as a power-
ful complement to fluorescence imaging and as an
attractive complementary label-free imaging tool in
cases when high sensitivity and surface confinement is
advantageous.

RESULTS AND DISCUSSION

Symmetric propagation of the fundamentalmode of
a linearly polarized (TE, transverse electromagnetic)
light (λ ∼ 532 nm) with an evanescent wave of
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exponentially vanishing intensity with a decay length,
δ, of ∼130 nm confined to the core�liquid interface
was generated using a waveguide chip consisting of a
400 nm thick silica core with a 4 μm thick CYTOP
cladding layer on each side (see the Methods for
details). This three-layered organic/inorganic/organic
structure was fabricated on top of an optically flat
supporting silicon substrate (Figure 1a), a configura-
tion known to be compatible with a simple fiber-based
end-fire coupling.26 Exposure of the liquid sample
under investigation to the evanescent illumination
was accomplished by forming a quadratic opening in
the upper cladding (sample well), enabling imaging
of binding events at the interface of the silica core
(Figure 1a).
Owing to the low stray-light scattering and since the

optical paths of the excitation and emitted/scattered
light are in this configuration decoupled, measure-
ments could be performed by directly monitoring light
scattering induced by the interaction between the
evanescent light and surface-bound entities (scat-
tering mode, indicated as green spots in the observa-
tion plane of Figure 1a). Using an appropriate filter,
fluorescence signals (fluorescence mode, indicated
as orange spots in the second observation plane of
Figure 1a) could also be monitored either indepen-
dently or in combination with the scattered signal. In
this way, the binding of lipid vesicles (containing 1 wt
% rhodamine-labeled lipids) with a nominal diameter
of ∼150 nm (see the Supporting Information) was
successfully detected in both scattering and fluores-
cence mode (Figure 1b, c) using identical evanescent

illumination and image acquisition conditions for both
acquisition modes. Except for a few nonfluorescent
surface impurities that were visible in the scattering
image only, themicrographs of lipid vesicles imaged in
these modes (Figure 1b,c) are almost identical, a
feature which was utilized below to directly compare
the fluorescence and scattering signals originating
from individual lipid vesicles.

Distribution in Scattering Intensity of Single Lipid Vesicles
Reflects Their Size Distribution. To the first approximation,
a surface-immobilized lipid vesicle has a spherical
shell-like geometry, and if labeled, the fluorescent
molecules can be considered to be evenly distributed
in the lipid shell. The number of fluorescent molecules
per vesicle is large, and their surface concentration, c,
can therefore be considered to be independent of the
vesicle radius, r. In this case, the fluorescence intensity,
If, of a vesicle is determined by the amplitude of the
evanescent field and scales as

If � crδ[1� exp(�2r=δ)]=2 (1)

or

If � cr2 at r,δ (2)

where δ is the evanescent field decay length.36 The
dependence of the vesicle's scattering intensity, Is, on
r is somewhat more complicated since it depends on
the amplitude and phase of the evanescent field.
Mathematically, the scattering can be described in
the Rayleigh�Gans�Debye approximation, but the
corresponding general expression for Is is cumbersome
(see the Supporting Information). However, to get a

Figure 1. Schematic representation of the planar waveguide chip and detection of fluorescently labeled vesicles in
fluorescence and scattering modes. (a) A single mode optical fiber was aligned to the facet of the planar waveguide and
light (green) was coupled into the core layer of the chip. An opening (sample well) was formed in the upper cladding layer of
the waveguide, into which a solution (drop) containing the specimen of interest was placed. The evanescent part of the in-
coupled light interacts with objects present within the penetration depth of the evanescent light resulting in light scattering
and, in the case of fluorescent objects, fluorescence generation. The emitted light was collected using a standardmicroscope
objective in an upright or inverted configuration, or a combination of both, to reveal a scattered signal in the scattering image
plane (green square) and/or a fluorescence signal in the fluorescence image plane (red/orange square). (b) Fluorescence and
(c) scattering signals from the same 12� 12 μm2 area of the chip under identical illumination conditions, showing nominally
150 nm fluorescently labeled vesicles bound to the surface imaged with high- and low-pass filters, respectively, with cutoff
wavelength of around 550 nm, i.e., in between the excitation (532 nm) and emission (582 nm) wavelengths. The scale bar in
(c) corresponds to 2 μm.

A
RTIC

LE



AGNARSSON ET AL. VOL. XXX ’ NO. XX ’ 000–000 ’ XXXX

www.acsnano.org

D

rough estimate, we take only the effect of the ampli-
tude of the evanescent field into account and obtain

Is � r2δ2[1� exp(�r=δ)]2 (3)

or

Is � r4, at r, δ (4)

As expected, eqs 2 and 4 predict that Is
1/4 � If

1/2

provided r , δ. Equations 1 and 3 indicate that this
scaling holds up to r≈ δ. The effect of the phase of the
evanescent field on the light scattering results in an
additional decrease of Is with increasing r, and accord-
ingly, this scaling is expected to hold for r slightly larger
than δ as well. In agreement with these theoretical
predictions, our experiments with fluorescently la-
beled (1 wt % rhodamine�PE) POPC vesicles of the
average radius ∼75 nm (see the NTA data, Supporting
Information, Figure S2) indicate that Is

1/4 � If
1/2 up to

r≈ 2δ (δ∼ 130 nm) despite relatively broad spreading
of the data points (black dots in Figure 2a). Concerning
the latter aspect, we note that similar although larger
spreading in the fluorescence intensities of lipid vesi-
cles was previously reported33 using a preparation
protocol similar to that employed here. This feature
was in that case attributed to inhomogeneous lipid
composition in individual vesicles, suggesting that the
spreading in our data might also originate from this
factor at least partly.

Our measurements also show that a small fraction
(<15%) of the vesicles observed in the fluorescence
channel did not generate a corresponding detectable
scattering signal. A separate analysis of these vesicles
(filled red bars in the top histogram on the top x-axis)
revealed that a majority of them corresponds to weak
fluorescence signals; i.e., their size is small. The lower

threshold for detecting vesicles in scattering mode is
thus close to the modal value of this subdistribution,
which from a comparison with an NTA-based size
determination of this batch of vesicles (Figure S2)
corresponds to a diameter around 80 nm (indicated by
a horizontal green dashed line in Figure 2a). This inter-
pretation is supported by a comparison of the signal-
to-noise ratio (SNR) of the two modes of operation,
which demonstrated a higher SNR (SNRf/SNRs > 1) in
fluorescencemode for weakly scattering (small) vesicles
(indicated with red data points on red-shaded area in
Figure 2b), while the opposite holds true for strongly
scattering objects (indicated with green data points on
green-shaded area in Figure 2b). This observation is
consistent with the proportionality of Is and If to r4

and r2, respectively, since with a constant noise level
the scattering intensity is expected to be weaker than
the fluorescence intensity for small but stronger for the
large vesicles. It is in this context interesting that the
absolute signals obtained in scattering and fluorescence
modes under identical illumination and imaging condi-
tions were quite different, ranging between 5 � 102 to
2� 105 and2� 102 to4� 104 (arbitrary, but comparable,
units), respectively. Since in fluorescencemode themean
background signal and the background noise were both
low, a further improvement of the SNR in the scattering
mode should thus focus on reducing the relatively high
noise on the otherwise low mean background signal
obtained in scattering mode (see Figure S3 and discus-
sion on SNR in the Supporting Information). To obtain
sufficient sensitivity in the studies reported below on
label-free detection of protein binding to and phos-
pholipase digestion of single lipid vesicles, the anal-
ysis was accordingly restricted to vesicles well visible
both in scattering and fluorescence mode.

Figure 2. Scattering and fluorescence intensities from single vesicles. (a) Scaling with the powers 1/4 and 1/2 for 2000 single
fluorescently labeled vesicles with average diameter of 150 nm. The plot is expected to be linear provided Is � r4 and If � r2.
The distributions of the scattering (green) and fluorescence (red) intensities have been projected onto the y and x axis,
respectively, and correspond to the size distribution of the vesicles. The red vertical and green horizontal dashed lines
indicate the limit of detection. The black straight line, red dashed curve, and blue dotted curve show the theoretically
predictedbehavior according to eqs 2 and 4, 1 and 4, and 1 and 3, respectively. (b) Ratio SNRf/SNRs for allmeasured vesicles as
a function of scattering intensity, with the SNRdefined as Is/f/σs/f, where σs/f is the standard deviationof the backgroundnoise.
The histogram to the right shows the distribution of this ratio indicating that on average thefluorescence signal gives a better
SNR than the scattering signal for these particular vesicles (containing 1 wt % rhodamine�PE lipids) in this size range.
It should be noted that the exact crossover-point, where SNRf/SNRs = 1 in the figure, depends appreciably on the density of
fluorescent labels on the vesicles (here 1 wt % rhodamine lipids).
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Single-Lipid Vesicle Imaging in Scattering Mode Enables
Label-Free Detection of Antibody Binding. Successful label-
free detection of individual lipid vesicles suggests that
it may also be possible to track biomolecular interac-
tions on individual vesicles by monitoring changes
in their scattering intensity, thus excluding imple-
mentation of fluorescent labels typically used for this
purpose37 or alternative labeling concepts such as
metallic nanoparticles.38,39 To explore this possibility,
the exposed silica region of the waveguide chip was
functionalized with a layer of PLL-g-PEG/PLL-g-PEG-
biotin (ratio 1:1) for immobilization of both biotin-
containing (10 wt % PE-biotin lipids) and biotin-free,
but fluorescently labeled (1 wt % PE-rhodamine lipids),
lipid vesicles (nominal diameter ∼200 nm). Both types
of vesicles were bound using streptavidin and biotin-
modified double-stranded cholesterol�DNA as the
linker molecules40 (Figure 3a and Supporting Infor-
mation). Upon addition of antibiotin IgG (50 nM) to the
two types of immobilized lipid vesicles there was a
monotonic increase in the scattering signal of the
(nonfluorescent) biotin-containing lipid vesicles, while
no detectible response was observed for (biotin-free)
fluorescently labeled vesicles (Figure 3b), the latter
of which was visible in both the scattering and the

fluorescence modes, while the former was observed in
scattering mode only (inset in Figure 4b). Statistics
from ∼20 vesicles of each type imaged within a 75 �
75 μm2 region revealed that the change in Is of each
individual biotin-containing vesicle scaled linearly with
their initial scattering intensity, Is0 (Figure 3c), with an
average increase of 30% normally distributed around
the mean value (Figure 3d).

Under the assumption that the scattering intensity
is proportional to the square of the mass (Figure 2a)
and since the vesicle radius, r, is significantly larger
than the membrane thickness, l, the dependence of
Is on a change in membrane thickness, Δl, scales to a
first approximation as r4(l þ Δl)2, and the slope conse-
quently equals [(lþΔl)/l]2. Thus, an increase of Is(Δl)/Is0
by 30% (Figure 4d) is expected forΔl/l = 0.15, which for
a membrane thickness of ∼5 nm corresponds to an
increase in shell thickness of less than 1 nm. Taking into
consideration the Y-shaped form (5 � 8 � 10 nm3) of
an IgG molecule,41 this is a surprisingly low value.
Possible explanations to this discrepancy are that the
refractive index of proteins is larger than that of lipid
membranes, which was neglected in the simplistic
estimate above, and/or that the IgG surface coverage
is much lower than the theoretical maximum surface

Figure 3. Receptor�ligand interactions on individual vesicles. (a) Twopopulations of lipid vesicles immobilizedon a PLLgPEG
surface thorough DNA linking. One vesicle subset (left) contained fluorescent rhodamine while the other (right) contained
biotin. (b) The scattering intensity for the two types of vesicles as a function of time upon addition of antibiotin�IgG (injection
at t = 50 s). The IgGmolecules bound to the biotinylated vesicles resulting in an increase in its scattered signal (green curve),
while no increase was observed for the nonbiotinylated vesicle (red curve). The inset micrographs show the two types of
surface-immobilized vesicles sitting side-by-side on the functionalized surface obtained in scattering (green) and fluores-
cence (orange)modes. The insets are approximately 8 μm2wide. (c) Single vesicle scattering intensity after IgGbinding (Is) as a
function of the vesicle scattering intensity prior to binding (Is0). (d) Distribution of relative scattering signal increased upon
IgG binding for all the measured vesicles.
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coverage of ∼50%,42 which is likely since a significant
fraction of the vesicle is not accessible due to its close
proximity to the substrate. Even if this reasoning
suggests that the coverage is not complete, it is
interesting to note that with a footprint for IgG of at
least 50 nm2 and a maximum coverage of ∼50%,
saturated binding to a vesicle with a diameter of
200 nm would correspond to a maximum of around
1000 proteins. The signal-to-noise ratio (SNR) of ∼30
observed for protein binding to a single lipid vesicle
(Figure 4b) thus suggests that ∼30 antibodies per
vesicle are required for generating a detectable signal
(limit of detection). Even if this limit of detection is im-
pressive in terms of the number of molecules needed
to get a detectible signal, the limit is, in terms of pro-
tein surface coverage, significantly higher than is
generally achievable with conventional ensemble-
average optical sensors.43 Although the latter limita-
tion can be partially overcome by averaging over
multiple vesicles (SNR � [number of vesicles]1/2), the
power of the single-vesicle approach lies mainly in
studies dealing with high-affinity binding to relatively
abundant membrane receptors, such as lipids or

glycosylated compounds, and to unravel hetero-
geneities between biological nanoparticles, rather
than in detection of rare and/or weakly interacting
membrane-bound entities. Motivated by this con-
straint, we therefore explored the single-molecule
detection limit using Au NPs with different size and
scattering cross sections.

Detection of Individual Gold Nanoparticle Binding to Single
Lipid Vesicles. While label-free detection of single pro-
teins will require an improvement in the sensitivity by
up to 1 order of magnitude, metallic NPs with high
scattering cross-section were instead explored as sig-
nal-enhancing elements to identify single-binding
events on preidentified immobilized lipid vesicles.
For this purpose, around 50 surface-bound, 100 nm
diameter vesicles containing 1 wt % biotinylated lipid
modified with streptavidin were imaged in scattering
mode upon addition of biotinylated core�shell gold
NPs with a diameter of 18 nm (see the Supporting
Information), as schematically illustrated in Figure 4a.
Binding of gold NPs to individual lipid vesicles re-
sulted in temporally resolved steplike responses, each
contributing a similar intensity increase (Figure 4b),

Figure 4. Binding of Au nanoparticles by single vesicles. (a) Schematic representation of the model system for studying
molecular binding events using gold NPs as labels. Streptavidin-functionalized vesicles were immobilized to a biotin-free-
supported lipid bilayer via a DNA linker. (b) Scattering intensity from a single vesicle as a function of time upon binding of
18 nm in diameter biotin-functionalized gold NPs to the vesicle. Upon addition of gold NPs, specific binding of individual NPs
to the vesicles was observed, while no binding was observed to the supported lipid bilayer. The inset images are
approximately 2 μm wide and show the increasing scattering intensity from the single vesicle at different times during
the process. (c) Intensity increase per recorded binding event. Steps appear in multiples of approximately one (arbitrary)
intensity unit, indicated by dashedGaussian-shaped curves. (d) Distribution of the total number of binding events per vesicle.
On average, four gold particles were bound to each vesicle within the time frame of the measurements (150 s).
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although occasionally a 2-fold increase in intensity was
observed (see, e.g., the response between frames 40
and 70 in Figure 4b). Statistics from the entire set of
vesicles revealed that the distribution of the intensity
increase upon gold NP binding was dominated by
single NPbinding events, although∼20%of the events
corresponded to two NPs (Figure 4c), being attributed
to either two binding events occurring within the
acquisition time window or to binding of a NP dimer.
From the analysis it can also be concluded that, on
average, four NPs were observed bending to each
vesicle, with the minimum and the maximum number
of bound NPs being two and six, respectively
(Figure 4d). Taking into account the 10 nm thick PEG
corona surrounding the gold NPs, somewhere be-
tween 10 and 15 NPs are expected to fit on a single
100 nm lipid vesicle at saturated binding. However,
since the part of the vesicle exposed to the substrate,
thus being unavailable for binding, is larger here than it
is for the significantly smaller IgG molecules (see
above) and since multiple bonds can be formed be-
tween a NP and streptavidin molecules in the vesicle
bilayer, which eventually enwrap the NP and in-
crease the contact areabetween theparticle and vesicle,
the real NP loading capacity of each vesiclewill decrease
with increasing NP coverage (see the Supporting
Information). A similar effect was observed upon bind-
ing of gold NPs with a core diameter of 25 nm (see the
Supporting Information, Figure S6a), while binding of
gold NPs with a core diameter of 10 nm resulted in a
monotonic, rather than a stepwise increase (see the
Supporting Information, Figure S6b), since in this case
individual NPs could not be resolved. The observed
absolute scattering intensity from individual 18 and
25 nm particles scaled roughly as the square of their
volume (r6), which is in agreement with Rayleigh
scattering theory44 and consistent with the lipid vesicle
data (Figure 2a). However, in contrast to the IgG
binding to lipid vesicles, there was no strong correla-
tion observed here between the initial scattering
intensity of the individual vesicles and the number
of bound gold NPs (data not shown), an observation
that we tentatively attribute to membrane-wrapping
around the gold NPs.

It is also worth noting that the signal fluctuations
were observed to increase with each gold�NP binding
step (Figure 4b). One possible explanation to this
observation is that plasmonic coupling between the
gold NPs transiently changes the scattering intensity
as the NPs move around on the fluid lipid bilayer
membrane of the vesicles. However, such near-field
effects are expected to be weak due to the presence
of the 10 nm PEG/PEG�biotin polymer shell sur-
rounding the 18 nm gold NPs. Another plausible
explanation is therefore that the fluctuations originate
from movement of the vesicle-bound gold NPs within
the rapidly decaying evanescent field (∼130 nm) near

the surface. If the latter explanation holds true, mea-
surements of this type open up new means to ap-
proach the challenging task of measuring diffusivity of
membrane-enveloped nanoscopic biological particles,
such as extracellular vesicles including exosomes, and
enveloped virions.

Fluorescence and Label-Free Measurements of Phospholipase
Digestion of Immobilized Lipid Vesicles Show Correlated Kinetics.
Another situation where elimination of fluorescent la-
beling might be even more important than in protein-
binding studies is when fluorescently labeled lipids are
used to investigate biophysical properties of the cell
membrane, including functional studies of protein� or
enzyme�lipid interactions. This concern is particularly
relevant because the dye molecules employed to
modify lipids usually have dimensions comparable to
and physicochemical properties very different from the
actual lipids themselves. An example of a biologically
and medically important case in which this concern is
particularly relevant is in studies of hydrolytic digestion
of lipid membranes by phospholipase A2 (PLA2), a
processive cell membrane associated enzyme that acts
by catalyzing the cleavage of phospholipids. The im-
portance of PLA2 as a biomarker to diagnose diseases,
such as cancer and neurodegenerative disorders,45 or
states of diseases, such as inflammatory responses, has
made the development of assays capable of probing
PLA2 activity a very active research field. In order to
reduce the effect of labeling on the reaction kinetics,
most sensitive assays engage only a small fraction
(1�10%) of head- or tail-labeled fluorescent lipids in
a membrane predominantly composed of unlabeled
lipids.34,46 When these lipids are included in unilamel-
lar lipid vesicles, the cleavage by PLA2 of the lipids into
a fatty acid and lysophospholipid induces escape of
fluorescently labeled products accompanied by a re-
duction in vesicle size, a process that can be resolved
at single vesicles down to the single-enzyme level
using fluorescence imaging.35,46 This PLA2-detection
concept was here investigated by addition of PLA2
(250 nM) to fluorescently labeled (1 wt % rhodamine
lipids) and biotin-modified (1 wt % biotin lipids) POPC
lipid vesicles immobilized to a PLL-gPEG/PLL-g-PEG-
biotin-modified (10000:1 ratio) silica substrate with
NeutrAvidin acting as a linker molecule (Figure 5a).
The PLA2 was introduced by pipetting 10 μL of 100 nM
PLA2 into the 30 μL TRIS buffer solution, already on the
chip, followed by gentle mixing. This resulted in de-
tectable reductions in both Is (green) and If (red) of
single vesicles (Figure 5b), revealing that the time-
dependent decline of the scattering signal was typi-
cally a factor of 2 faster than the corresponding
fluorescence signal (see the Supporting Information
and Figure S8 for additional single-vesicle traces and
the average response, respectively). However, since
PLA2 digestion results in a reduction in vesicle size,
and since Is � r4l2 while If � r2 (cf. Figure 2), the
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emerging result when this is taken into account
(see the Supporting Information for details) is that
the halftime distributions obtained from If and Is
correlate excellently (Figure 5d). This suggests that
the dye modification of a small fraction of lipid
vesicles has, at least for the particular type of dye
used in this case, a negligible influence on the mea-
sured digestion rates. Another interesting observa-
tion is that with increasing time both If and Is decrease
down to negligible values, indicating that the vesicle
digestion is nearly complete or at least yields vesicles
or aggregates with sizes below our detection limit in
both channels.

These results underscore that scattering-based imag-
ing can inmany situations be an attractive alternative to
both conventional surface-based label-free sensing
and fluorescence imaging, in particular when the intro-
duction of fluorescent labels is undesirable or compli-
cated. One such very demanding example is the real-
time monitoring of cellular attachment kinetics, in
which almost all studies exclusively rely on advanced
fluorescence microscopy techniques. As a final illustra-
tion of the capacity of the waveguide chip to contri-
bute complementary information also in complex
biological processes, we explored the possibility to
use thewaveguide chip tomonitor surface attachment
of unlabeled cells.

Diffraction-Limited Scattering Microscopy Reveals Dynamics
of Subcellular Features during Platelet Attachment, Spreading,
and Activation. Fluorescence imaging executedby surface-
confined illumination, predominantly TIRF microscopy,

has been extensively used to study subcellular
processes occurring at, or in close proximity to, the
cell membrane�substrate interface, including, for ex-
ample, substrate-induced stimuli that induce changes
in cell morphology, cell motility, and formation of focal
adhesions.30,47,48 Waveguides have been used for this
purpose and, although predominantly in combination
with fluorescence labeling,25,27,49 direct utilization of
evanescent-field induced scattering signals for detec-
tion of bacterial biofilm growth has also been
reported.31 We were curious to investigate if the low
stray light background offered by our waveguide de-
sign could allow label-free imaging of cellular attach-
ment in a fashion similar to what is achievable with
reflection interference contrast (RIC) microscopy,
which enables cellular adhesion to be visualized with
subcellular resolution by probing spatial variations
near the cell�substrate interface.50 As amodel system,
we investigated adhesion and surface-induced activa-
tion of platelets, which are micron-sized nuclei-free
cellular fragments that play a key role during, for
example, blood clotting. In this process, a combina-
tion of chemical, mechanical, and/or surface-induced
stimuli leads to rapid (within seconds) cytoskeleton
reorganization,50 making it a particularly interesting
system to investigate with time-resolved surface-con-
fined label-free microscopy.

Upon exposure of a cleaned but otherwise un-
treated silica substrate of the waveguide chip to
human-derived platelet (thrombocyte) by pipetting
(1 � 106 platelets/ml), live imaging initially revealed

Figure 5. Label-freemonitoring of enzyme activity on individual vesicles using both scattering and fluorescencemonitoring.
(a) Schematic representation of the model system used to monitor the digestion of a single 100 nm immobilized vesicles by
the enzyme PLA2 as a function of time. (b) Scattering (green curve) and fluorescence (red curve) intensity of a selected vesicle
upon PLA2 digestion. The micrograph insets (2 μm wide) show the corresponding appearance of the fading vesicle as
observed in scattering mode at different times during the acquisition. (c) Distribution of halftimes for the measured vesicles
extracted from scattering intensities (green bars) and fluorescence intensities (red bars).
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faint transient features attributed to platelets hovering
over the surface mostly outside the evanescent field.
A typical platelet then established a single-point con-
tact with the surface, which appeared as a local
increase in scattering intensity (red arrow, inset for
t = 6 s, Figure 6a). Within seconds, this contact was
followed by the formation of additional contact points
(inset for t = 8 s, Figure 6a) and a gradual increase in
both the mean scattering intensity (solid green line,
Figure 6a) and the area enclosed by the periphery of
the platelet (red circles, Figure 6a). The initial increase
in scattering intensity and growth of the periphery
subsequently leveled off for around 10 s, until a
transient peak in the mean scattering intensity sud-
denly appeared, being accompanied by a monotonic
increase in the area of the platelet periphery. The
growth of contact area (A) of surface-activated plate-
lets has previously been shown to follow a power-law
dependence, A � tb, where b is the corresponding
exponent.50 The growth profiles were well repre-
sented by this relation (black liner regression lines in
Figure 6a), and the statistics from ∼20 platelets
showed that the initial growth phase was always
significantly slower (with 1 e b e 3) than the final
one (with 6 e b e 12).

The overall process shown in Figure 6a (see
Supporting Information, Figure S10, for a magnified
version of Figure 6a and movies SM2, SM3, and SM4
for examples of cell attachments), and the correspond-
ing growth exponents (Figure 6b) are consistent with
previous reports on platelet adhesion, activation, and
spreading on silica.50,51 This thus suggests that the
transient peak in the scattering intensity originates
from surface-induced platelet activation, during which
platelets are known to undergo substantial flattening
into a morphology resembling a fried egg, with a thin
filamentous zone surrounding the central granulo-
mere region.51 Indeed, a three-dimensional false color
surface plot of a fully activated platelet at rest resem-
bles such a structure, with highly scattering (optically
dense) sites near the center of the activated platelet
being surrounded by a ring of more faint features near
the periphery (Figure 6c). A comparison of the scatter-
ing intensity of such features, collected from in total
∼20 cells (dashed bars in Figure 6d), with the scattering
intensity of the initial contact points, collected from the
same cells (filled bars in Figure 6d), shows that the
latter intensity was similar to the most dense features
of the activated cell. This suggests that the point of
initial contact is made by an optically dense structure,

Figure 6. Attachment of a single human-derived platelet to silica. (a) Platelet that cautiously approached the surface,
established the first contact with it (t = 6 s), then gradually increased the number of attachment points (6 < t < 22 s) until, in a
spontaneous manner, it spread out (t = 22 s), settled down, and reached complete rest (t = 45 s). The red arrows indicate
dynamic high-density granules within the filamentous zone of the cell. The inset images are 10 � 14 μm2. The solid green
curve represents themean scattering intensity detectedwithin theplatelets periphery,while the red circles represent the area
enclosed by the periphery. (b) Distribution of the contact-area growth exponent b, indicating slow and fast spreading
regimes. (c) Three-dimensional intensity plot of an activated platelet indicating the dense sites (with high scattering) within
the filamentous zone of the cell and near its edge. (d) Scattering intensity distribution of dense sites after a completed
activation (green-shaded bars) and of the initial contact sites (green solid bars).
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such as a protein-rich adhesion region as previously
suggested50,52 (and accordingly it makes sense to
use Is

1/6 to construct Figure 6d), while the majority of
the features distinguished after activation are smaller
and/or less optically dense. Curiously, some of the
locally distinct regions present in the outer filamentous
zone of the platelets after completed activation and
spreading remained dynamic throughout the entire
measurement (Figure 6a, red arrows in inset at t = 45 s
and movies SM2, SM3, and SM4). One possible inter-
pretation of this observation is that the fluctuations
reflect transport of intracellular granules containing
signaling molecules and proteins, which has been
suggested to be delivered in this way to cell�substrate
contact regions.53,54 These observations thus extend
the aforementioned results on vesicle adhesion by
illustrating how label-free surface-confined scattering-
microscopy could also serve as an important comple-
ment to both RIC and TIRF microscopy by utilizing the
possibility to combine scattering microscopy with
specific fluorescent labeling of the different molecular
machineries involved in adhesion, spreading, and acti-
vation processes.

CONCLUSIONS

Key assets of surface-based bioanalytical sensors are
high sensitivity, reliable translation of the detected
signals into physically meaningful information, com-
patibility with suitable surface chemistries, as well
as simplicity, user friendliness, and low cost. Bearing
this in mind, we have in this work demonstrated the
applicability of a new type of waveguide chip that
through its unique design suppresses background
scattering and allows for simple and direct label-free
detection of scattered light from surface-immobilized
nanoscopic objects interacting with the evanescent
light confined to the surfaces of the chip. The chip can
also be used in a manner comparable to standard TIRF
microscopy and is thus capable of simultaneously
monitoring individual objects with fluorescent and
scattering read-out. With respect to the sensitivity
obtained in the label-free scattering mode, individual
lipid vesicles with diameters down to below 100 nm
were readily detected, as was specific protein binding
to single immobilized vesicles, albeit not with single
protein sensitivity. This competes very favorably with
previous reports on light-scattering based detection of
surface-bound dielectric particles using evanescent
illumination,23 while the increased contrast obtained
in interferometric scattering microscopy has been
shown to offer an order of magnitude higher sen-
sitivity.11 The high sensitivity of interferometric scatter-
ingmicroscopy has been attributed to the fact that the
read-out signal is generated from the interference
between a reference-beam (usually background re-
flection) and scattered light from the object under
study. In this configuration the signalwill, under certain

conditions, scale with the object's volume rather than
the volume squared, thus making the size-dependent
decline of the signal less pronounced than for scat-
tered light alone.9 However, since interferometric scat-
tering microscopy is based on optical interference
between reflected light interacting with objects much
smaller than the wavelength of light, translation of the
detected signals into representative physical properties
is more complicated than interpretation of the corre-
sponding dependence of the scattering light intensity,
which is often simply proportional to the square of
the volume of the detected entities (Figure 2a; see the
discussion in the Supporting Information). An attrac-
tive approach to further improve the information con-
tent of scattering-based microscopy measurements
would thus be to take advantage of the direct compat-
ibility of the waveguide chip configuration with any
microscope setup, which would enable its direct com-
binationwith, e.g., interference-basedmicroscopy. This
would aid the use of surface-confined scattering-based
microscopy to improve size-distribution determination
of nanoscopic particles. Surface-based size determina-
tion of nanoscopic particles offers the advantage over
bulk-based methods, such as NTA or dynamic light
scattering, that only a few hundred particles are suffi-
cient to perform an analysis, whichmakes the approach
particularly attractive for rare or dilute samples, e.g., for
size-distribution determination of specific subsets
of nanosized biological objects, such as extracellular
vesicles, exosomes or virus particles present in crude
biological samples. In this case, selective binding to the
interface is preferably obtained by specific biorecogni-
tion, which requires the surface chemistry to be appro-
priately controlled.
Previous waveguide designs of the type used in this

work employing organic claddings have been re-
stricted to core layers made from high refractive index
polymers, such as PMMA.26 The utilized combination of
an organic cladding material (in this work, its refractive
index was matched to that of water to reduce back-
ground scattering) with an inorganic silica core was
proven compatible with conventional surface chemis-
tries developed for silica substrates, as demonstrated
here for supported lipid bilayer formation (Figure 4 and
Figure S7, Supporting Information), known to be very
sensitive to surface imperfections55 and surface modi-
fications based on electrostatic attraction using poly-
lysine derivatives (Figures 3 and 5). Another advantage
of being able to simultaneously identify multiple sur-
face-bound nanoscopic objects is that selective bind-
ing to these objects can be verified by identifying
colocalized visualization of binding events to indivi-
dual vesicles, as shown here for selective binding of
antibodies and gold NPs to receptors on surface-
bound lipid vesicles (Figures 3 and 4). Co-localized
detection of this type is particularly beneficial in the
context of reducing the parasitic signals originating

A
RTIC

LE



AGNARSSON ET AL. VOL. XXX ’ NO. XX ’ 000–000 ’ XXXX

www.acsnano.org

K

from unspecific binding reactions,56 which typically
put strong requirements on minimizing nonspecific
binding to the substrate surrounding immobilized lipid
vesicles when probed using ensemble-averaging
surface-analytical tools, such as quartz crystal micro-
balance or surface plasmon resonance.57 By being able
to identify the position of individual vesicles (or alter-
native nanoscopic particles) prior to the binding reac-
tion, nonspecific binding to the vesicle's surrounding
becomes less relevant, thus releasing the requisite of
producing nearly perfectly inert surface coatings.
Another field thatmight benefit from the simplicity of

the waveguide chip and the compatibility of the silica
core layer with various surface chemistries is in the stud-
ies of cellular adhesion and motility. The compatibility
with a large arsenal of label-free and fluorescence-based

microscopy methods allows for novel studies that
extend beyond platelet adhesion, activation, and
spreading as featured in this work (Figure 6).
In summary, simultaneous observation of scattered

and fluorescent light from multiple surface-associated
nanoscopic objects using standard microscopes and
cameras offers a valuable tool in various biological
contexts, since in the absence of labeling agents
the biological systems are both intrinsically photo-
stable and less perturbed from their natural state.
In future work, we foresee to broaden the applicability
of the waveguide chips by making them compatible
with microfluidics58 and integrated optics59,60 or other
lab-on-a-chip functionalities with multiple sensing
wells for efficient high throughput, parallel read-out,
and improved liquid handling.

METHODS
Fabrication of Waveguide Chips and Surface Functionalization. A

single-mode, symmetric planar waveguide structure consisting
of a 400 nm thick silica core layer (spin-on-glass, IC1-200 from
Futurrex, Inc.) embedded in a 7 μm thick cladding layer of a
fluorinated polymer (CYTOP, CTX-809AP2 from AGC Chemicals,
ASAHI Glass Co., Ltd.) was fabricated on a standard Si(100) four-
inch wafer at the MC2 nanofabrication laboratory, Chalmers,
Sweden (Fed. Std.209 E 10-100). All layers were made using
spin-casting and subsequent baking in either an oven or on a
hot plate. 2 � 2 mm2 openings were formed (sample wells or
sensing regions) by reactive ion etching in the top cladding
layer, exposing the core layer of the waveguide to the environ-
ment. The wafer was then diced into 1 � 1 cm2 chips, each
containing a single sample well. After processing, the chips
were cleaned in a NaOH solution (pH 11) for 30 min followed by
a gentle rinsing in deionized water for 3 min. The chips were
then blow-dried using nitrogen and stored in a cupboard. Prior
to all surface modifications and measurements, the surface of
the chip was treated for 15 min in O2 plasma (Harrick Plasma
cleaner, 30 W), followed by cleaning in 2 M sulfuric acid (H2SO4)
for 30 min before subsequent extensive rinsing in Milli-Q water
and drying in nitrogen gas.

For preparation of PLL-g-PEG-biotin-functionalized surfaces,
1 μg/mL PLL-g-PEG (specifically PLL (20)-g[3.5]-PEG(2) from
SuSOS AG) was mixed with 1 μg/mL PLL-g-PEG-biotin (specifi-
cally PLL(20)-g[3.5]-PEG(2)/PEGbiotin(3.4) 50% from SuSOS AG)
in a specific volume ratio to attain 1 μg/mL mixture containing
the desired biotin concentration. Approximately 20 μL of the
mixed solution (1 μg/mL) was then introduced to the chips sur-
face and left under stagnant conditions for 20 min to incubate.
The chip was subsequently rinsed in Milli-Q water.

For the preparation of a PLL surface, a 20 μL of a solution
containing 10 μg/mL PLL (specifically poly-L-lysine hydro-
bromide, 15�30 kDa from Sigma-Aldrich) was introduced to
the chip surface and left to incubate under stagnant conditions
for 5 min before being rinsed with Milli-Q.

For the preparation of a surface with a supported-lipid
bilayer, a solution containing 0.1�0.5 mg/mL unilamellar vesi-
cles, extruded 20 times through a 30 nm polycarbonate mem-
brane (see following section for how the vesicles were
prepared), was added to the chip and allowed to incubate until
a bilayer had formed. The successful bilayer formation was
confirmed by monitoring the whole process, from vesicle
adsorption to fusion into bilayer, in scattering mode.

Preparation of Lipid Vesicles and DNA Modification of Vesicles. Five
different types of (1 mg/mL) unilamellar lipid vesicles
were prepared for the experiments describe in this article. All
types had 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine

(POPC, Avanti Polar Lipids) as a main constituent with addi-
tional components added in specific ratios to achieve the
desired modification. For preparation of rhodamine- or NBD-
labeled vesicles, POPC lipids were mixed with either lissamine
rhodamine B 1,2-dihexadecanoyl-sn-glycero-3-phosphatidy-
lethanolamine (rhodamine�DHPE, Invitrogen) or 2-(12-(7-nitro-
benz-2-oxa-1,3-diazol-4-yl)amino)dodecanoyl-1-hexadecanoyl-
sn-glycero-3-phosphocholine (NBD C12-HPC, Invitrogen) in
ratios of 98 wt % POPC to 2 wt % label or 99 wt % POPC to
1 wt % label. For preparation of biotinylated vesicles, 99 wt %
POPC were mixed with 1 wt % 1,2-dioleoyl-sn-glycero-3-phos-
phoethanolamine-N-(biotinyl) (biotin-PE, Avanti Polar Lipids).
The vesicles containing both biotin and rhodamine were pre-
pared by mixing 98 wt % POPC with 1 wt % rhodamine�DHPE
and 1 wt % biotin�PE.

After mixing with labels and/or biotin�PE, the lipids were
dissolved in methanol and subsequently dried in vacuum for
1 h before being rehydrated in either PBS or TRIS buffer with
pH 7.4 and vortexed for 5 min. The suspensions were then
extruded 20 times through a polycarbonate membrane
(Whatman) with 30, 100, or 200 nm pore sized depending on
application (see Figure S2 in the Supporting Information for
typical size distribution of POPC vesicles in bulk). Finally, the
vesicle suspensions were stored at 4 �C in a fridge.

To produce DNA-modified vesicles, the desired vesicle
suspension was incubated for 30 min with a bicholesterol-
modified DNA (DNA-B) construct (Eurogentec) at a DNA/vesicle
ratio of 8:1 just prior to the experiment. The 15 bases single
stranded overhang on the cholesterol-DNA construct is com-
plementary to a DNA strand (DNA-A), which was immobilized
on the chip surface either using biotin or bicholesterol in a
supported lipid bilayer (see below with active nucleobases that
form the binding through pairing shown in red).

Vesicle Bicholesterol-DNA (DNA-B). 50-TGG-ACA-TCA-GAA-
ATA-AGG-CAC-GAC-GGA-CCC-cholesterol-30

50-cholesterol-CCC-TCC-GTC-GTG-CCT-30

Surface-Immobilized Complementary-DNA (DNA-A). 50-TAT-
TTC-TGA-TGT-CCA-CCC-biotin-30

or
50-TAT-TTC-TGA-TGT-CCA-AGG-CAC-GAC-GGA-CCC-choles-

terol-30

50-cholesterol-CCC-TCC-GTC-GTG-CCT-30

IgG Binding to Surface-Immobilized Lipid Vesicles. PBS buffer with
pH 7.4 was used throughout the experiment. After standard
cleaning, the chip surface was functionalized with PLL-g-PEG/
PLL-g-PEGbiotin (1000:1 ratio, 10 μg/mL, SuSOS AG), which
rapidly formed, by self-assembly, a protein and lipid vesicle
resistant polymer layer. Biotinylated-DNA was preincubated
with NeutrAvidin (10 μg/mL, Sigma-Aldrich) at a 2:1 DNA/
protein ratio and bound to the surface. After subsequent
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rinsing, the binding of DNA-modified vesicles (0.1 μg/mL)
containing either rhodamine or biotin-lipids was monitored in
real time until a sufficient coverage of vesicles (typically a few
hundred vesicles) was reached after which the surface was
rinsed. The scattering intensity of each individual vesicle was
then monitored in real-time upon injection of antibiotin�IgG
(10 μg/mL, mouse IgG2a, BioLegend) at a frame rate of 2 frames
per second.

Synthesis of Gold Nanoparticles. Gold NPs (10, 18, and 25 nm in
diameter) were prepared by citrate reduction of chloroauric
acid with addition of tannic acid as extra reductive agent. All
glassware was cleaned in a mixture of 1:1:5 of H2O2 (30%), NH3

(25%) and water at 85 �C for 10 min and then rinsed with pure
water before use. A 80 mL water solution of HAuCl4 (Aldrich
99.999%) 0.32 mM and a 20 mL solution of sodium citrate
(Sigma ACS reagent >99.0%) 6.8 mM with variable concentra-
tion of tannic acid (Sigma-Aldrich A.C.S reagent) 0.24 mM for
10 nm particles, 0.015mM for 18 nm particles, and 0.003mM for
25 nm particles was heated under gentle stirring. When the
temperature reached 60 �C, the two solutions were mixed
whereupon the mixture changed color to almost black, purple,
and finally dark red after approximately 30 min for 10 nm
particles, 90 min for 18 nm particles and several hours for
25 nm particles. The solution was then first quickly heated to
95 �C and then cooled on ice. The final volume was adjusted to
100 mL using pure water. These NPs are charge stabilized, and
the particle sols will remain stable at pH >4 and ionic strengths
<10mM for extended timeswhen refrigerated. TheNPs sizewas
determined using scanning electron microscopy (SEM) and
dynamic light scattering (DLS) (see the Supporting Information,
Figure S4a,b).

Preparation of Biotin-Modified Gold Nanoparticles. To modify gold
NPs with biotin and simultaneously minimize unspecific inter-
action between NPs and the waveguide surface, the gold NPs,
synthesized as described in the previous section, weremodified
with a mixed monolayer of thiol-conjugated polyethylene
glycol and polyethylene glycol biotin. A stock solution contain-
ing a mixture of 50% SH-PEG MW5000 Da (Fluka), 25% SH-PEG-
COO� MW5000 Da (Rapp Polymere), and 25% SH-PEG-biotin
MW5000 Da (Rapp Polymere) was prepared in water to have a
total PEG�thiol concentration 1 mM. This solution was quickly
added to theNPs sols to a final concentration of 10μM for 10 nm
NPs and 20 μM for 18 and 25 nmNPs. After incubation overnight
in a refrigerator (4 �C), the surface-modified NPs were separated
from excess thiol-PEG by centrifugation at 20000g for 10 nm
NPs, 7500g for 18 nmNPs, and 3500g for 25 nmNPs, whereupon
the pellet was diluted in Milli-Q water. This procedure was
repeated 5 times so that the theoretical background concentra-
tion of free SH-PEG-biotin in the NPs sol was less than 1 �
10�14 M. The mono-dispersivity of the NPs after modification
with SH-PEG was verified by DLS (data not shown).

Human-Derived Platelets on Silica. The platelet-containing solu-
tion was derived from blood donors at the Regional Blood Bank
at Sahlgrenska University Hospital, Gothenburg, Sweden, as
described in ref 61. The solution of platelets was washed by
centrifugation in order to minimize the free protein content in
the platelet solution, which upon adsorption to the chips'
surface might induce unwanted background scattering. After
washing, the stock solution contained 460 � 109 platelets/liter
stored in PAS (platelet additive solution, 2.94 g of NaCitrat �
2H2O, 4.08 g of NaAcetat � 3H2O, 6.75 g of NaCl ad 1000 mL,
pH 7.2). Before running the experiment, a part of the stock
solution was diluted in TRIS 1:100 (460� 107 platelets/liter) and
then 5 μL of that solution was mixed with 20 μL TRIS already on
the waveguide chip (100 � 107 platelets/liter).
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